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ABSTRACT 
 
Three-dimensional (3D) microperiodic scaffolds have been fabricated by direct-write 
assembly for tissue engineering.  Such scaffolds are necessary to accurately mimic the 
complex environment of real tissues.  Three distinct inks have been developed: (1) a 
hydrogel ink that contains high molecular weigh chains of poly(2-hydroxyethyl 
methacrylate) (pHEMA) in a photopolymerizable solution, (2) a silk fibroin ink, 
regenerated from Bombyx mori silkworm cocoons, that can be induced to change 
conformation in a coagulating reservoir, and (3) a hydroxyapatite (HA) particle-filled silk 
fibroin ink.  By carefully controlling their rheological properties, these both flow through 
nozzles without clogging and form continuous filaments that span gaps present in 
underlying layers without deformation. 
The hydrogel ink contains pHEMA chains (300,000 and 1,000,000 g/mol) along with 
monomer, comonomer, and photoinitiator that polymerize upon exposure to UV light 
after printing.  The viscosity and shear elastic modulus of this physically entangled, 
viscoelastic ink can be tailored by blending long chain pHEMA species of different 
molecular weights to create a physically entangled network.  Once exposed to UV light, 
the monomer and comonomer components of the ink polymerize to yield an 
interpenetrating physical and chemical gel network.  By comparing the ink viscoelasticity 
to that of the cured scaffolds, we find that the chemical gel provides the dominant 
contribution to the mechanical properties.  3D pHEMA scaffolds are patterned with 
varied architectures are rendered biocompatible by absorption of polylysine.  They are 
then cultured with primary neuronal cells, which form intricately branched networks.  
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Confocal laser scanning microscopy reveals that both cell distribution and extent of 
neuronal process alignment depend upon scaffold architecture. 
   Silk fibroin inks are prepared by regenerating the proteins from Bombyx mori 
silkworm cocoons and dialyzing the silk solution to form a concentrated ink (~28-30 wt% 
silk).  Upon printing into a methanol-rich reservoir, the ink transforms from a random 
coil to a β-sheet conformation, thereby inducing rapid solidification of the printed 
filaments. The mechanical properties of the 3D silk scaffolds are probed by atomic force 
microscopy nanoindentation.  These scaffolds are cultured with human mesenchymal 
stem cells (hMSCs) and support cell adhesion, growth, and chondrogenic differentiation. 
To produce 3D silk scaffolds at larger length scales for bone tissue engineering, 
hydroxyapatite (HA) nanoparticles are added to the silk fibroin inks to form a HA-filled 
silk ink.  The HA particle network imparts significant elasticity to the ink, such that 3D 
structures can be patterned in air using a 200 μm nozzle.  After printing is completed, the 
scaffolds are immersed in a methanol-rich solution to transform the silk proteins to β-
sheets, thereby further strengthening their structure.  The mechanical properties of the 
printed filaments are measured by dynamic mechanical analysis.  The scaffolds support 
both hMSCs and mammary microvascular endothelial cells (MMECs) as well as 
osteogenic differentiation of the hMSCs. 
In summary, direct-write assembly is a facile method for fabrication of 3D 
microperiodic scaffolds that model real tissues.  As demonstrated, this technique is 
suitable for a broad array of ink compositions, characteristic feature sizes, 3D 
architectures, and cell types.  This research provides a foundation for future efforts based 
on biocompatible polymer and composite scaffolds in three-dimensional motifs. 
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CHAPTER 1 
INTRODUCTION 
 
Tissue engineering scaffolds[1-5] enable the study of cell behavior[6,7] in model 
systems[8,9] to probe cell differentiation, growth, and proliferation.  Polymer or 
inorganic/polymer (composite) scaffolds are widely used, because they possess 
mechanical properties that mimic biological materials found in natural cell environments.  
Three-dimensional (3D) scaffolds are traditionally made by salt leaching,[10-12] gas 
foaming,[13,14] or freeze-drying.[15,16]  However, such techniques produce scaffolds 
with poor control over the total porosity, pore size distribution, and interconnectivity, 
making it difficult to systematically study the effects of these parameters on cell 
interactions.  More recently, tissue engineering scaffolds have been created by solid 
freeform fabrication methods, including stereolithography,[17,18] fused deposition 
modeling,[5,19,20] and 3D printing,[21-23] with patterned features ranging from 100 μm 
to 1 mm.[24-26]  However, because cells are only 10-20 μm in size, they interact with 
these features much like they would with flat surfaces.  Thus, even though these 3D 
scaffolds possess porosity with tailored interconnectivity, they do not adequately mimic 
the intricate fine-scale porosity and features of the extracellular matrix present in most 
body tissues. 
The extracellular matrix contains numerous filaments, including collagen, 
laminin, and proteoglycans, combined and entangled into a complex 3D topography with 
submicron features that provide cues for cell behavior.[27,28]  Cells spread and adhere to 
different filaments of the extracellular matrix, and these interactions can affect cell 
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alignment, proliferation, growth, shape, and other behavior.  Because the morphology and 
pore size of natural filaments are unorganized, there is no way to discern what length 
scales elicit cellular response on synthetic substrates without precise control over feature 
size and geometry.  3D microperiodic scaffolds are therefore needed to determine what 
structural features of real tissue provide cues to cells.  Multiphoton polymerization,[29] 
colloidal crystal templating,[30,31] and direct-write assembly[32-36] have recently 
emerged as viable routes for constructing 3D structures at the microscale.  Of these, 
however, only direct-write assembly is capable of patterning a broad range of materials in 
nearly arbitrary form at length scales ranging from 1 μm to 1 mm. 
 
1.1 THESIS SCOPE 
 In my PhD research, I have created 3D scaffolds by direct-write assembly of three 
distinct inks: (1) a poly(2-hydroxyethyl methacrylate) (pHEMA) ink based on high 
molecular weight chains, which cures on exposure to ultraviolet light; (2) a silk fibroin 
ink, regenerated from Bombyx mori silkworm cocoons, that undergoes a crystallizing 
phase transition when extruded directly into a methanol-rich reservoir; (3) an 
inorganic/organic composite ink composed of hydroxyapatite (HA) particle-filled silk 
fibroin, which is sufficiently stiff to enable printing without a reservoir. In each system, 
the ink is designed to readily flow through a nozzle under an applied pressure without 
clogging and also span gaps in underlying layers to form 3D microperiodic architectures.  
The rheological properties of each ink as well as the mechanical properties of the printed 
scaffolds rods are characterized.  3D pHEMA, silk, and HA-silk scaffolds have been 
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fabricated with different architectures and characteristic feature sizes and cultured for 
neuronal, cartilage, and bone tissue applications, respectively. 
 
1.2 THESIS ORGANIZATION 
 In chapter two, a literature review is presented that provides a brief overview of 
the tissues in the body, scaffold designs, and direct-write assembly.  In chapter three, the 
design and rheological properties of pHEMA inks are described, along with their use as a 
robust platform for neuronal cell.  In chapter four, the characterization of the silk fibroin 
ink and corresponding printed silk scaffolds are explained, as well as the ability of the 
scaffolds to support cartilage cell culture.  In chapter five, the rheological properties of 
hydroxyapatite-silk inks are presented, along with the use of these inorganic/organic 
composite scaffolds as a screening tool for bone cell culture.  Finally, the conclusions of 
my PhD thesis are provided in chapter six. 
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CHAPTER 2 
LITERATURE REVIEW 
 
2.1 INTRODUCTION 
 This literature review begins with an overview of the types of body tissues, 
including their relevant structural features, with an emphasis on nervous and connective 
tissues of relevance to my thesis.  Next, the use of three-dimensional (3D) scaffolds as 
well as fabrication methods to create 3D periodic scaffolds are presented.  Finally, direct-
write assembly is introduced, along with the basic requirements for designing inks for 
this novel fabrication route. 
 
2.2 TISSUES OF THE BODY 
 Tissue engineering scaffolds need to reasonably mimic the target tissue type.  
There are four primary types of tissues: epithelial, muscle, nervous and connective tissue 
(Figure 2.1).  This thesis focuses primarily on nervous tissue and connective tissue.  
Nervous tissue is composed of neurons and their supporting cells and is responsible for 
sending and receiving signals in the body.  Because neurons send complex signals across 
long distances in the brain and throughout the body, the 3D neural organization is critical 
for the function of the nervous system.  Connective tissue, which contributes to structure 
and support, includes a wide variety of morphologies, from bone and cartilage tissues 
that must support load, to the loose padding of fat tissue, to the liquid matrix of blood.  
In bone tissue, there are a number of different length scales (Figure 2.2).  Both the open 
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region of spongy bone and the hierarchical nature of compact bone contribute to cell 
behavior and overall tissue function.  This will be discussed in more detail in Chapter 5.  
 
Figure 2.1. Schematic of the four primary tissue types: epithelial, muscle, nervous, and 
connective.[1] 
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Figure 2.2. Schematic of a cross-section of long bone that reveals the structures of 
compact and spongy bone.[2] 
 Although the structure of the tissue contributes to its properties and cell behavior, 
the elasticity of the tissue is equally important.  Blood cells flow within the bloodstream, 
but most tissue cells are anchor-dependent, meaning they are not usually viable in a fluid 
medium and need to be attached to a solid object, such as a scaffold.[3]  Cells create 
adhesion complexes on these substrates, probing and pulling as they grow and move.  
These forces arise from the interconnected network of cytoskeleton proteins.  The 
feedback from the rigidity of the substrate can influence differentiation, cell adhesion, 
cytoskeleton organization, and other behavior.[3] 
 Different tissues have different intrinsic moduli necessary for their applications 
(Figure 2.3).[4]  For example, brain tissue elasticity is rather soft (0.1-1 kPa),[5] muscle 
tissue is an order of magnitude stiffer (8-17 kPa),[6] and the load-bearing cartilage tissue 
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(20-25 kPa)[7] and the crosslinked collagen in unmineralized bone tissue (25-45 kPa) 
[8,9] are even stiffer.  The dense structure of mineralized bone results in a very high 
stiffness of ~400 kPa-15 GPa.[10]  
 
Figure 2.3. Soft tissue elasticity scale.[4] 
  When human mesenchymal stem cells (hMSCs) are placed on planar substrates 
with elastic moduli of 0.1-1 kPa, 8-17 kPa, and 25-40 kPa, the substrates act neurogenic, 
myogenic, and osteogenic, respectively.[11]  As shown in Figure 2.4, the hMSCs exhibit 
a branched morphology on the softest substrate, with the branching density approaching 
that of primary neurons.  On substrates of intermediate stiffness, the hMSCs transform 
from a round morphology to spindle-shaped cells similar to myoblasts.  The stiffest 
substrates yield hMSCs with a polygonal morphology, similar to osteoblasts.  The elastic 
modulus of each substrate aids in cell lineage specification, as the stem cells begin to 
differentiate into the cell type most suited for the environment.  
 11
 
Figure 2.4. Mesenchymal stem cells cultured on collagen matrices of different stiffness 
and imaged at 3 timepoints.  Althoug the cells are similar in shape at 4 h, after 96 h the 
cells exhibit a branched, spindle, or polygonal morphology with increasing stiffness.  
Scale bar is 20 μm.[11] 
 
2.3 TISSUE ENGINEERING SCAFFOLDS  
 Tissue engineering has progressed toward the goal of regeneration of tissue 
constructs to restore or replace lost morphological and functional features of diseased or 
damaged organs or tissues. Typically, in vitro model systems are utilized to gain 
fundamental insight into pathological conditions.[12,13]  By emulating the complex 
processes that occur during tissue development in this manner, insights into 
developmental biology that guide tissue regeneration strategies may be obtained.[14] 
2.3.1 Planar and 3D Tissue Scaffolds.  Conventional two-dimensional (2D) in vitro cell 
culture systems provide a convenient and rapid platform for biochemical analysis, and 
much has been learned from 2D cultured architectures.   However, 2D systems lack the 
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ability to control fluid transport and structural complexity afforded by 3D scaffolds.  
Cells respond to 3D constructs in ways that can not be replicated in conventional 
monolayer cell culture approaches, especially with respect to complex local signals from 
homotypic or heterotypic cell adhesion, mechanical forces and biochemical 
signals.[15,16] 
 Many different cell types exhibit drastically different behavior in 2D versus 3D 
environments.  For example, the images in Figure 2.5 compare a cell-derived 3D matrix 
to the same material that has been mechanically flattened into a 2D substrate.[17]  Each 
sample is cultured overnight with human fibroblasts.  On the 3D matrix (Figure 2.5c), 
the white features indicate the co-localization of α5-integrins (green), paxillin (red) and 
fibronectin (blue), signifying the formation of 3D-matrix adhesions similar to those 
found in vivo.  By contrast, on the 2D matrices of the same chemical composition 
(Figure 2.5d), only fibrillar adhesions are observed, indicated by the turquoise-colored 
features (α5-integrins and fibronectin: green + blue).  Yet, it is clear from Figure 2.5e 
that in vivo responses are not controlled by architecture alone, as fibroblasts cultured in 
this 3D fibronectin structure also show no 3D-matrix adhesions.  There are other matrix 
proteins that contribute to cellular adhesion. 
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Figure 2.5. Both 3D organization and cell-derived matrix components are required for 
formation of 3D-matrix adhesions. Human fibroblasts were cultured overnight in intact, 
cell-derived 3D matrix (a-c), on cell-derived matrix mechanically flattened to form a 2D 
matrix (d), in a 3D matrix composed solely of fibronectin fibrils (e), or in mouse tissue-
derived 3D matrix (f). Triple-label localization of integrin (green), paxillin (red), and 
fibronectin (blue) was performed. The yellow (a) represents the merged labels of integrin 
in green and paxillin in red. Triple-merged images for the indicated matrices are shown in 
(c-f). Note that complete triple colocalization (white) is observed only with in vivo-like, 
cell-derived 3D matrix (c) or mouse tissue-derived 3D matrix (f). Moreover, on all other 
substrates, mainly focal adhesions (red, or purple due to merging red and blue) and 
fibrillar adhesions (turquoise, merged green and blue) are observed. Insets represent 90 
degree rotated projections showing the thickness of each substrate (blue) and the position 
of the cell adhesion structures in relation to the substrates. Scale bars, 5 mm.[17] 
 Scaffold architecture not only affects cellular adhesion, but clear differences 
from 2D and 3D cell cultures arise in cell differentiation,[18-20] proliferation rates,[21] 
migration,[22] and gene expression.[23]  The dependence on scaffold design has been 
observed for a number of cell types, including fibroblasts,[17,22] adipocytes (fat 
cells),[20] melanoma (tumor) cells,[22] embryonic stem cells,[23] and neurons.[24,25] 
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2.3.2 3D Tissue Scaffolds.  Prior efforts to elucidate 3D spatiotemporal tissue 
organization have focused on using traditional 3D scaffold fabrication techniques, such 
as particle leaching,[26-28] gas foaming,[29-31] or freeze drying,[32,33] examples of 
which are provided in Figure 2.6.  These approaches yield porous polymer architectures, 
but lack control over scaffold features.  For example, their porosity cannot be 
deterministically specified. 
 
Figure 2.6. SEM images of random unorganized 3D scaffolds fabricated by (a) particle 
leaching, (b) gas foaming, and (c) freeze drying.[27,31,32] 
  By contrast, solid freeform fabrication techniques can be used to generate 3D 
scaffolds with precisely controlled architectures that contain highly interconnected 
porous networks. For example, stereolithography,[34,35] fused deposition modeling,[36-
40] and three-dimensional printing[41-44] have been employed to deposit materials in a 
layer-by-layer build sequence resulting in 3D scaffolds composed of features ranging 
from 100 μm-1mm (see Figure 2.7). These scaffolds offer enhanced rates of mass 
transfer of nutrients, oxygen, and metabolic wastes as a result of their interconnected 
porous networks relative to particle-leached porous scaffolds. However, due to the large 
size of the patterned features, cells tend to respond as though they are on a planar 
surface, leading to less relevant physiological outcomes.[45]  To reduce the feature sizes 
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to those that better emulate the extracellular matrix of a variety of tissue types, other 
fabrication techniques are needed. 
 
Figure 2.7. SEM images of 3D periodic scaffolds fabricated by the freeform fabrication 
techniques (a) sterolithography, (b) fused deposition modeling, and (c) 3D 
printing.[34,40,42] 
2.3.3 3D Microperiodic Tissue Scaffolds.  3D microperiodic polymer scaffolds have 
recently been produced by multiphoton polymerization,[46,47] colloidal crystal 
templating,[48-51] and direct-write assembly.[52-54]  3D scaffolds fabricated with 
mutiphoton polymerization of a triacrylate monomer are shown  in Figure 2.8.[47]  The 
scaffolds (Figure 2.8c-d) are interconnected woodpile structures with lateral pore sizes 
of 12, 25, 52, and 110 μm and are cultured with human fibrosarcoma cells labeled with 
green fluorescent protein (GFP) (see Figure 2.8e-h).  This GFP label allows the 
visualization of live cells over long term cultures.  The cells can also be tracked in 3D, 
allowing for calculation of cell motility.  In this study, it was found that decreasing pore 
size led to decreased integration of the cells throughout the scaffold as well as slower 
cell mobility.  Although this technique can produce complex scaffolds with features at 
different length scales, the process is limited to a narrow range of suitable materials. 
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Figure 2.8. Tissue engineering scaffolds fabricated by multiphoton polymerization. (a) 
Schematic of the laser set-up used for fabrication.  (b) Schematic of the scaffold design 
illustrating different parameters of the scaffold. A = 12, 25, 52 or 110 μm; B = 5 μm; C = 
12 μm; D = 100 μm; E = 375 μm. Side view SEM of (c) 25 μm and (d) 52 μm pore-sized 
scaffolds. (e-h) Top view overlay of fluorescence and differential interference contrast 
images of fibrosarcoma cells in 110, 52, 25 and 12 μm pore-sized scaffolds showing non-
uniformity in the distribution of cells in different matrices owing to variations in physical 
obstruction.[47] 
 Using 100 μm polystyrene particles as a template, inverted colloidal crystal 
polyacrylamide scaffolds have been fabricated with ordered geometries, as seen in  
Figure 2.9a.[50]  When co-cultured with epithelial cells and monocytes, the cells remain 
viable and become partially entrapped in the spherical cavities created by the removed 
colloids (see Figure 2.9b). Scaffolds have also been made from templates of densely 
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packed, polydisperse colloidal suspensions infilled with pHEMA.[51]  After removing 
the colloids, the resulting pHEMA scaffolds are found to be biocompatible with cultured 
human bone marrow stromal cells, which adhered well to the surface.  Unfortunately, 
decreasing the colloid size in this technique makes the interconnecting channels within 
the inverted scaffolds ever smaller, until it is impossible for a cell to pass though these 
features (< 3-5 μm),[55] rendering the embedded porosity inaccessible.  Additionally, this 
technique is limited only to randomly packed or fcc crystal structures. 
 
Figure 2.9. (a) SEM image of internal structure of polyacrylamide inverted colloidal 
crystal scaffold after cutting with razor blade. (b) Confocal lateral image of scaffold co-
cultured with epithelial cells and monocytes measured 80 μm in depth.[50] 
  
2.4 DIRECT-WRITE ASSEMBLY 
The term “direct-write assembly” describes fabrication methods that employ a 
computer-controlled translation stage, which moves a pattern-generating device, i.e., ink 
deposition nozzle, to create materials with controlled architecture in a layer-by-layer 
fashion (Figure 2.10).[52,56]  Through careful control of ink composition, rheological 
behavior, and printing parameters, arbitrary 3D structures, including continuous solids 
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and high aspect ratio (e.g., parallel walls) or self-supporting features that span gaps in an 
underlying layer(s), can be constructed. Of these, the latter structures offer the greatest 
challenge and interest, since they are not easily obtainable by other patterning techniques.  
A schematic of the direct-write assembly of self supporting features can be seen in Figure 
2.11. 
 
Figure 2.10. Direct-write assembly stage and imaging camera. 
 
Figure 2.11. Schematic of the direct-write assembly process.  Air pressure is used to 
extrude a concentrated ink through a micronozzle in a layer-by-layer fashion into a 
perpendicular array of filaments to form a complex 3D structure. 
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Direct-write assembly yields structures of arbitrary shape using a wide array of 
materials (e.g., colloidal gels,[57-63] polyelectrolyte complexes,[52,64-68] sol-gel 
precursors,[53] fugitive wax-based materials,[69-72] and hydrogels [54]).  It is an 
inexpensive and flexible patterning method used for applications that include 
composites,[73] piezoelectric sensors,[74] photonics,[53,64,65] self-healing,[69-71] 
biomimetic structures,[67,68,72] and tissue engineering,[54,61,63]  which require feature 
sizes ranging from submicron to hundreds of microns.  Fabrication of 3D microperiodic 
architectures by this technique for tissue engineering applications offers the potential to 
provide control over cell location, orientation, alignment, migration and aggregation.  
The development of inks that flow through fine deposition nozzles and then 
rapidly solidify is necessary for patterning filamentary features at the microscale. By 
carefully tuning both the ink viscosity and elastic properties, one can create suitable inks 
for direct-write assembly of complex 3D structures, such as microperiodic arrays.  The 
inks are designed to flow through the nozzle without clogging, while the extruded ink 
filaments must be stiff enough to span gaps in underlying layers without deformation.  
Inks that fulfill these requirements typically tend to be viscoelastic (denoted by the green 
curves in Figure 2.12).  Strong shear thinning behavior allows the ink to flow easily at 
high applied pressure.  The inks often possess a viscosity of ~101-102 Pa·s at the high 
shear rates (~20-200 s-1) experienced during flow through the deposition nozzle.[54,59]  
Once printed, these inks have sufficient elasticity (G′ ≳ G″) to promote shape retention 
until the structure is further strengthened by drying[58,60] or UV curing.[54] 
 20
 
Figure 2.12. Representative plots of ink rheology.  Green indicates shear thinning 
viscoelastic ink and red indicates Newtonian fluid (usually requires a coagulating 
reservoir). (a) Viscosity as a function of shear rate. (b) Solid-like oscillatory response.  
(c) Liquid-like oscillatory response. 
If an ink cannot be formulated with an inherent viscoelastic response, the liquid-
like material needs to be strengthened immediately after exiting the nozzle.  In this case, 
solidification can be achieved by deposition directly into a coagulating reservoir.  
Typically, inks printed within a coagulating reservoir have viscosities of ~1-10 Pa·s over 
the shear rate range of interest, displaying Newtonian behavior (see red curves in Figure 
2.12).[66,67]  As formulated, these inks exhibit a liquid-like response with a shear elastic 
modulus on the order of 1 Pa (G′ < G″).  However, their elasticity rises dramatically upon 
contact with the coagulating reservoir. In this coagulated state, the ink is elastic enough to 
maintain its filamentary shape even as it spans gaps across features patterned in the 
underlying layer(s). 
Recently, 3D polymer scaffolds made from a high molecular weight 
polyacrylamide ink have been fabricated by direct-write assembly and cured in situ via 
UV light exposure (Figure 2.13a).[54]  The polyacrylamide ink is versatile and can form 
filaments that range from submicron to tens of microns in diameter.  3T3 fibroblast cells 
seeded on 3D polyacrylamide scaffolds (4 layers, 5 μm rods, 20 μm center-to-center 
separation distance between rods) reside in compartmentalized spaces between adjacent 
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hydrogel rods and remain viable (Figure 2.13b).  The cells also assume a square 
geometry, as they spread and fill the space of each well.  Although the cells are separated 
from each other, the interconnected porosity within these 3D scaffolds allows the cells to 
easily communicate, as can be seen by the highlighted region in Figure 2.13b.  However, 
acrylamide monomer is highly toxic, and even though these polyacrylamide scaffolds can 
support 3T3 fibroblast cells, they are not compatible with many other cell types of 
interest (e.g., corneal epithelial cells and developing rat neurons).  To extend this 3D 
scaffold fabrication approach to other cell types, more biocompatible inks and scaffold 
constructs must be developed. 
 
Figure 2.13. (a) SEM micrograph of a polyacrylamide scaffold with a 20 μm rod spacing 
and fabricated by direct-write assembly.  (b) Optical fluorescence micrograph of 3T3 
fibroblasts on polyacrylamide scaffold where the cross-talk between cells can be 
observed.   Rhodamine-phalloidin stains the actin red, DAPI stains the (DNA) nucleus 
blue.  Incorporation of Fluorescein-O-acrylate makes the scaffolds fluoresce green. 
Scalebars are (a) 50 μm and (b) 20 μm.[54] 
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CHAPTER 3 
DIRECT-WRITE ASSEMBLY OF 3D POLY(2-HYDROXYETHYL 
METHACRYLATE) SCAFFOLDS FOR ROBUST NEURONAL CULTURE 
 
 
3.1 INTRODUCTION 
 In this chapter, we create poly(2-hydroxyethyl methacrylate) (pHEMA) scaffolds 
of varying 3D microperiodic architecture for neuronal cell culture.  We first blend two 
high molecular weight pHEMA chains into a photopolymerizable solution composed of 
HEMA monomer, a crosslinking comonomer, photoinitiator, and water.  This 
composition produces a viscoelastic ink that is based on a physically entangled gel, which 
is capable of flowing through micronozzles and generating a 3D microperiodic 
filamentary structure of varied geometry.  Upon printing, the 3D scaffolds are exposed to 
UV light, causing the monomer and comonomer components of the ink to polymerize and 
crosslink, yielding an interpenetrating physical and chemical gel network and providing 
further mechanical strength to the patterned structures.  The influence of ink composition 
on rheological properties is investigated to determine the relative contributions of the 
physical and chemical networks as well as to tailor the mechanical properties of the cured 
hydrogel.  We find that the chemical gel dominates the final mechanical properties of 
these scaffolds.   
A series of 3D microperiodic scaffolds of varying architecture (6 layers, 10 μm 
diameter filaments, 30-80 μm pitch between filaments) are then fabricated by direct-
write assembly with an optimal ink composed of 35 wt% pHEMA with a 5:2 weight 
ratio of 300k:1M mol/g chains.  We render the patterned 3D scaffolds growth compliant 
for primary rat hippocampal neurons by absorption of polylysine.[1]  Neuronal cells 
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thrive on these 3D scaffolds, forming differentiated, intricately branched networks. 
Confocal laser scanning microscopy (CLSM) reveals that both cell distribution and 
extent of neuronal process alignment depend upon scaffold architecture.  This work 
represents a step toward understanding neuronal behavior and growth in vivo. 
 
3.2 BACKGROUND 
3.2.1 Neuronal cells and axonal outgrowth.  In both the central and peripheral nervous 
systems, neurons transmit signals across long distances in the body.  These signals can 
come from receptor cells, they can be used to move muscles, they can be voluntary 
conscious signals, or they can be signals which regulate internal organs.[2]  For all of 
these signals to work in harmony together, there are many different types of neurons.  
However, all neurons have four distinct regions to carry out specific functions: the cell 
body, the dendrites, the axon, and the axon terminals (Figure 3.1).[2]  Like other cell 
types, the cell body of a neuron contains the genetic information and the organelles 
necessary for protein production.  Dendrites, neuronal processes that are usually branched 
and relatively short, receive signals from the axons of neighboring neurons.  Axons 
quickly conduct electrical impulses called action potentials away from the cell body 
towards the axon terminals.  This action potential takes only a few milliseconds to 
conduct across an axon, which can be up to 1 meter in length in a human.[2]  The signals 
reach the axon terminals, which are branches that can form synapses to communicate 
with other cells.  For example, neurons can communicate with muscle cells to control 
movement or with other neuronal cells to continue a signal. 
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Figure 3.1. Structure of typical mammalian interneurons.  The arrow indicates the 
direction of conduction of action potentials in axons.[2] 
 Interneurons, the neurons that relay a signal between two other neurons, are the 
most common neurons in the body.  The interneurons in Figure 3.1 are called multipolar 
because of their branched dendrites and their ability to receive signals from a number of 
different cells.[2]  Other common types of neurons include motor neurons, which pass 
signals to muscle or gland tissues, and sensory neurons, which receive signals from 
sensory receptor cells.  Interneurons connect these cells to the central nervous system in 
neural pathways. 
 To transmit a signal across cells, the electric impulse from the axon of the cell 
relaying the signal must activate the neighboring cell.  This communication occurs at 
synapses, where a branch of the axon terminal connects with a receptor region, which can 
be on a muscle cell or the dendrites of another neuron.  Although electric synapses occur 
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in the body, chemical synapses (Figure 3.2) are most common. When an electric impulse 
is relayed at a chemical synapse, synaptic vesicles at the axon terminal of the presynaptic 
(sending) neuron release neutrotransmitters into the synaptic cleft, the narrow space 
between cells.  The neurotransmitters diffuse across the synaptic cleft and bind to the 
receptors on the postsynaptic (receiving) cell. 
 
Figure 3.2. Schematic of a chemical synapse.  Neurotransmitters (red) are released by the 
presynaptic cell and bind to receptors on the postsynaptic cell.[2] 
 Activated receptors on a postsynaptic cell induce a change in the ion permeability 
of the cell’s plasma membrane.  This change affects the electric potential of the 
membrane, which is enough to produce an action potential in a neuron, a contraction in a 
muscle cell, or a hormone secretion in gland cell.  After the signaling has taken place, the 
neurotransmitters are either enzymatically digested or they diffuse back to the 
presynaptic cell, and the signal is terminated.[2] 
 The creation of these complex neural networks and pathways occurs during 
development.  When neurons develop and grow, they form a growth cone (Figure 3.3) at 
the leading edge of the axon to select the correct pathway and recognize cells with which 
to form synapses.[3]  The growth cone senses the local environment and uses that 
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information to guide the direction and elongation of the developing axon along 
extracellular matrix (ECM) fibers or preexisting cells, while the cell body remains 
stationary.[2]  Receptors on the growth cones also recognize signaling molecules and 
ECM proteins to help an axon find its target cells. 
 
Figure 3.3. Micrograph of a growth cone at the end of a sensory ganglion cell axon.  
Lamellipodia and filopodia extending from the growth cone aid in sampling the local 
environment.[3] 
Since some axons need to travel long distances (up to 1 m) to reach their target 
cells, there are often intermediate targets that aid in axon guidance.[4]  Axons are guided 
through these shorter segments by four types of guidance cues (Figure 3.4).  Long-range 
cues include chemoattraction and chemorepulsion, which are caused by diffusible factors 
secreted by cells.  For example, a target cell hundreds of microns away can attract an 
axonal growth cone using netrin, a chemoattractant.[5,6]  Neuronal growth can also be 
guided by short range cues of contact attraction and contact repulsion, directed by 
nondiffusable ECM proteins and surface molecules (ligands and receptors) of other cells.  
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After an extensive neural network is formed, axons that are growing later in development 
can use these established neural tracts to help guide their trajectory, a process called 
fasciculation.[4] 
 
Figure 3.4. Schematic of growth cone guidance forces. Growth cones are guided by four 
types of mechanisms: contact attraction, contact repulsion, chemoattraction, and 
chemorepulsion.[4] 
Since axonal outgrowth requires a physical substrate, the neurons must be able to 
adhere to the ECM.  Many of the ECM molecules can attract or repel the neuronal growth 
cone, including laminin, tenascin, collagen, thrombospondin, fibronectin, vitronectin, and 
proteoglycans.[4]  However, little is known about specific guidance cues provided by the 
ECM.  In vivo studies have shown that flies lacking laminin showed less neuronal 
growth, indicating laminin as a likely growth cone promoter.[7] 
3.2.2 Nervous Tissue Structure.  Although neurons are the most important component 
in nervous tissue, neuroglial cells and the ECM also contribute to development, growth, 
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and maintenance of the nervous system.  Neuroglial (or glial) cells do not participate in 
signal conduction across the nervous system, but they assist in axon outgrowth, support 
signal propagation, and aid in neural recovery from an injury.[3]  The types of neuroglial 
cells are astrocytes, oligodendrocytes, Schwann cells, and microglial cells (Figure 3.5).  
The primary function of astrocytes is to maintain the chemical environment in 
extracellular space to support neuronal signaling.  Oligodendrocytes and Schwann cells 
provide myelin to some neuronal axons in the central and peripheral nervous systems, 
respectively.  The microglial cells serve as scavenger cells to clean up damaged nervous 
tissue after injury. 
 
Figure 3.5. Examples of neuroglial cells.  Schematics of (a) an astrocyte, (b) an 
oligodendrocyte, and (c) a microglial cell.  Images of (d) astrocytes, (e) an 
oligodendrocyte, (f) an axon ensheathed by Schwann cells (green) and (g) microglial 
cells.[3] 
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 Neurons and neuroglial cells are so densely packed in nervous tissue that for a 
long time scientists believed that there was very little extracellular space.  More recently, 
the extracellular space in nervous tissue has been estimated to be ~15-30 vol% using 
methods that maintain the spacing between cells during fixation.[8]  The extracellular 
space has an architecture similar to the aqueous phase of foam, while the analogous 
gaseous phase is comprised of the wide array of neurons and neuroglial cells (Figure 
3.6).[9,10]  The average width of the space between cells has been measured to be 38-64 
nm.[11] 
 
Figure 3.6. Geometry of extracellular space in brain tissue.  Image of small region of rat 
cortex with extracellular space outlined in red.  Dendrite (S) and axonal terminal (P) are 
highlighted at a synapse.  Scalebar 1 μm.[9] 
The extracellular matrix molecules filling this space are primarily proteoglycans, 
hyaluronan (or hyaluronic acid), link proteins (which connect hyaluronan with 
proteoglycans called lecticans), and tenascins (large glycoproteins).[12]  These ECM 
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molecules aggregate to form loose networks with hyaluronan as the main backbone 
component.  The tenascins link together the leticans/link protein/hyaluronan complexes 
to assemble the supramolecular network (Figure 3.7).[12,13] 
 
Figure 3.7. Schematic of extracellular space at a synapse.  Aggregated complexes of 
hyaluronan (HA), lecticans, and tenascins (TN-R) make up the extracellular matrix.[8] 
3.2.3 Nervous Tissue Engineering.  Neuronal cells are easily influenced by their 
surrounding microenvironment.  On 2D substrates, process orientation is guided by both 
topographical[14-16] and chemical cues.[17-19]  Dowell-Mesfin et al.[14] cultured rat 
hippocampal neurons on protein-coated silicon pillars fabricated by conventional 
photolithography.  Both the size of the pillars as well as the distance between pillars 
greatly affect neuronal dendrite guidance (Figure 3.8).  As the pillar gap increases from 
1.5 to 4.5 μm, the dendrites become less oriented in the perpendicular pattern directions.  
The polar graphs indicate the strong guidance of the hippocampal neurons at preferential 
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angles on the periodic pillars compared to the random orientation of the dendrites on the 
smooth surfaces. 
 
Figure 3.8. Qualitative and quantitative effects of surface topography on the orientation 
of dendrites and axons of rat hippocampal neurons. Fluorescence images and traced 
composites demonstrate the effects of pillar width of 2.0 μm at increasing pillar gap sizes. 
These results were represented quantitatively as radial plots. The greatest effects of 
orientation were demonstrated for βIII-tubulin- (blue) and MAP-2- (red) labeled processes 
on pillar gaps of 1.5 μm. Effects of orientation decreased as the gap size increased to 3.0 
and 4.5 μm. A similar but less pronounced trend was observed for the pillar widths of 0.5 
μm (yellow). Processes on smooth regions demonstrated random growth. Scalebar 100 
μm.[14] 
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Most prior neuronal guidance studies have focused on planar or semi-planar[20] 
environments, even though cells display important biological differences in 3D systems, 
as emphasized in Chapter 2.  While a limited number of 3D neuronal cell studies have 
been carried out, they have mainly relied on disordered structures.  For example, Irons, et 
al.[21] used disks of Matrigel™ to co-culture cerebral cortex neurons with astrocytes to 
conduct developmental and electrophysiological studies. Although neuronal cells are able 
to integrate within this 3D matrix, behavioral responses to specific architectural features 
could not be elucidated.  Recently, Seidlits et al.[22] used multiphoton excitation to 
pattern protein features within a 3D methacrylated poly(hyaluronic acid)/N-
vinylpyrrolidinone gel matrix, subsequently modifying them to present IKVAV peptide 
sequences, and investigated the outgrowth and migration of dorsal root ganglia and 
hippocampal progenitor cells.  Embedded protein features of defined microperiodicity 
could be produced by this approach; however, only limited cellular integration was 
observed.  Hence, new biocompatible scaffolds with precisely controlled features and 
interconnected porous networks are needed to understand how 3D environments affect 
neuronal integration and behavior. 
  
3.3 EXPERIMENTAL PROCEDURE  
3.3.1 pHEMA Ink Preparation.  Poly(2-hydroxyethyl methacrylate) (pHEMA) 
(300,000 and 1,000,000 g/mol), 2-hydroxyethyl methacrylate (HEMA), ethylene glycol 
dimethacrylate (EGDMA), and 2,2-dimethoxy-2-phenylacetophenone (DMPA) are 
obtained from Sigma-Aldrich (St. Louis, MO).  The structure of each constituent is 
shown in Figure 3.9.  pHEMA inks are prepared by first combining the following 
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constituents: deionized water, HEMA monomer, and the comonomer, EGDMA.  The 
photoinitiator, DMPA, is then added to this solution and stirred until dissolved.  Finally, 
pHEMA is added and the mixture is stirred for 24-72 h until the pHEMA completely 
dissolves and forms a homogenous solution.  The pHEMA inks are stored in a dark 
location to prevent premature crosslinking.  The optimal ink formulation for printing is 
10 wt% pHEMA (1,000,000 g/mol), 25 wt% pHEMA (300,000 g/mol), 40 wt% HEMA, 
23.5 wt% H2O, 1 wt% EGDMA, and 0.5 wt% DMPA.  Inks contain 40 wt% HEMA, 1 
wt% EGDMA, and 0.5 wt% DMPA unless otherwise stated.  When the HEMA 
concentration is below 30 wt%, EtOH is added so that there is 30 wt% HEMA + EtOH to 
dissolve the pHEMA. 
 
Figure 3.9. Chemical structures of (a) poly(2-hydroxyethyl methacrylate), (b) 2-
hydroxyethyl methacrylate, (c) ethylene glycol dimethacrylate, and (d) 2,2-dimethoxy-2-
phenylacetophenone. 
3.3.2 Ink Characterization.  The rheological properties of pHEMA inks of varying 
composition are determined using a controlled stress rheometer (Bohlin CVO Rheometer, 
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Malvern Instruments Ltd., Worcestershire, UK) fitted with a cone and plate geometry 
(CP 4/40, cone diameter of 40 mm with a 4° angle and gap width of 150 μm).  Shear 
viscosity measurements are carried out in controlled shear stress (τ) mode in a 
logarithmically ascending series of discrete steps. The elastic shear (G′) and viscous (G″) 
moduli are measured using an oscillatory logarithmic stress sweep at a frequency of 1 Hz.  
Measurements are carried out at 22°C using a water solvent trap to mitigate drying 
effects.  The evolution of G′ as a function of drying time is measured at 1 Hz in auto-
stress mode in the absence of the aqueous solvent trap.  For inks that include ethanol, a 
solvent trap composed of an ethanol-water mixture is used with the same ratio found in 
the ink formulation.  Pure 300k and 1M g/mol pHEMA solutions prepared for rheological 
measurements contain 40 wt% HEMA to dissolve the polymers. 
 To directly measure the evolution of rheological properties during polymerization 
and crosslinking of the solution phase, the UV photoinitiator is replaced with potassium 
persulfate (Sigma-Aldrich), a thermal initiator.  In this case, oscillatory rheological 
measurements are taken in auto-stress mode at a frequency of 1 Hz as the temperature of 
the ink is increased from 30°C to 80°C. 
3.3.3 3D Scaffold Fabrication.  Glass substrates (12 mm diameter, 0.17 mm thickness, 
Warner Instruments, Hamden, CT) are piranha cleaned and soaked in a 5% 3-
(trimethoxysilyl)propyl methacrylate (Sigma-Aldrich) in toluene solution at 60°C 
overnight and rinsed with isopropanol.  3D pHEMA scaffolds are formed with micron-
sized features using a 3-axis micropositioning stage (ABL9000, Aerotech Inc., 
Pittsburgh, PA) controlled by customized software (3D Inks, Stillwater, OK).  The ink is 
housed in a syringe (barrel diameter = 4.6 mm, EFD Inc., East Providence, RI) that is 
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mounted on the x-y-z stage.  The pHEMA ink is extruded onto a stationary glass 
substrate through a tapered micro-capillary nozzle (1-10 μm) that is pulled from a 
borosilicate glass tube (1.0 mm outer diameter and 0.58 mm inner diameter) using a P-
2000 Laser Based Micropipette Puller (1-5 μm, Sutter Instrument, Novato, CA) or 
purchased commercially (10 μm, World Precision Instruments, Sarasota, FL).  The ink is 
extruded under an applied pressure of 100-900 kPa (800 Ultra dispensing system, EFD 
Inc.) at a deposition speed of 100-220 μm s-1.  After patterning the initial layer, the 
nozzle is incrementally raised in the z-direction to generate the next layer.  This process 
is repeated until the desired 3D structure is formed.  3D periodic scaffolds composed of 
a simple tetragonal geometry are assembled by patterning an array of parallel filaments 
in the x-y plane such that their orientation is orthogonal to the layers immediately above 
and below a given layer. 
 After extrusion, the pHEMA ink maintains its filamentary shape due to its high 
elastic modulus.  However, to further solidify the scaffold structure, it is exposed to UV 
light (OmniCure S2000, Exfo, Mississauga, Ontario, Canada) for ~20 min, to induce 
polymerization and crosslinking of the monomer and comonomer constituents.  After 
exposure, the scaffolds are soaked in water for at least 12 h to remove any unreacted 
species and then dried.  Scanning electron microscopy (SEM) images of 3D pHEMA 
scaffolds are acquired with a Hitachi S-4700 SEM (Hitachi Ltd., Tokyo, Japan).  Prior to 
imaging, samples are coated with gold/palladium for 45 s (Emitech K575 Sputter Coater, 
Emitech Ltd., Ashford Kent, UK). 
 For protein partitioning, 3D pHEMA scaffolds with a 40 µm pitch are exposed to 
2mg/ml solutions of FITC-Polylysine (30-70 kDa), FITC-Protein A, and FITC-IgG for 1 
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h.  All proteins are purchased from Sigma.  Samples are rinsed with deionized water and 
imaged using an Epifluorescent Microscope (AX-70, Olympus, Tokyo, Japan) with a 
CCD camera (Optronic MagnaFire, Goleta, CA). 
3.3.4 Hippocampal Neuron Culture.†  The cell plating procedure is modified slightly 
from a previous study.[16]  Prior to use in culture, pHEMA scaffold samples are 
sterilized for 20 min with UV, treated with poly-D-lysine (30-70 kDa, Sigma) at 100 
µg/ml for 1 h, and then allowed to sit for 1 h. 
Hippocampal neurons are isolated from post-natal day one (P1) Long Evans/ 
BluGill rats (University of Illinois at Urbana-Champaign).  The brains are removed, the 
hemispheres separated, and the hippocampi dissected. Dissected tissue is kept in a 35 mm 
petri dish, surrounded by ice and filled with cold Hibernate A base solution (Brain-Bits), 
supplemented with 2% B-27 (Invitrogen Molecular Probes, Carlsbad, CA) and L-
glutamine (0.5 mM, Sigma).   Upon completion of dissection, the tissue is incubated with 
Papain enzyme (2 mg/ml, Worthington) at 37 ºC for 15 min and then rinsed with 2 ml 
Hibernate A solution.  The solution is removed, an additional 2 ml of Hibernate is added, 
and then the tissue is triturated (broken up by pipette) approximately 10 times.  After 
allowing the large pieces of tissue to settle, the cell solution is collected.  This step is 
repeated at least once.  The cell solution is centrifuged for 5 min at 3G and then 
reconstituted with 0.5 ml of Neurobasal base solution (Gibco), supplemented with 2% B-
27 (Invitrogen), L-glutamine (0.5 mM), and 1% pen-strep (Sigma).  The remaining large 
chunks of tissue are incubated again with papain enzyme (2 mg/ml) for 15 min and the 
above process is repeated.  Once the incubation time is complete, the cell suspensions are 
combined and used to plate the scaffold substrates at an initial density of approximately 
                                                 
† Performed by J.N. Hanson, R. G. Nuzzo, University of Illinois. 
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500 cells/mm2.  The neurons are maintained in a humidified environment at 37ºC with 
5% CO2 and supplemented with Neurobasal media twice weekly for one week.   
3.3.5 Immunocytochemistry and Confocal Imaging.†  After 7 days in culture, neurons 
are rinsed 3 times with PBS, immersed in 4% paraformaldehyde at room temperature for 
30 min and then rinsed again with PBS, 2x.  A PBS solution containing 0.1% Triton X-
100 is placed on the samples for 15 min to permeablize cellular membranes, before 
rinsing again with PBS (0.1% Tween),.  The samples are then incubated in ITsignal FX 
(Invitrogen) for 30 min and then rinsed briefly with PBS (0.1% Tween).  Samples are 
incubated in a 1:100 solution (with PBS and 100 µl of ITsignal FX) of mouse anti-actin 
monoclonal antibody (MP Biomedicals, Solon, OH) for 2 h and then rinsed with PBS 
(0.1% Tween) 3x (5 min).  Cells are incubated for 1 h with a secondary antibody, Goat 
Anti-Mouse Alexa 568 (Invitrogen) in a 1:200 dilution (with PBS and 100 µl of ITsignal 
FX) in the dark.  Samples are rinsed with PBS (0.1% Tween), 3x (5 min) and then 
exposed to To-Pro3 (Invitrogen) at 5 µM in PBS, for 30 min in the dark.  Once the 
exposure is complete, the samples are rinsed briefly with PBS (Tween 0.1%) and then 
mounted in Prolong Gold (Invitrogen).  Samples are sealed after 24 h and kept covered, 
at 4ºC until imaged.  Note, samples from 4 different in vitro experiments are stained 
using this protocol and analyzed. 
Confocal images are acquired using a Zeiss LSM 710 multi-photon confocal 
microscope (Zeiss, Oberkochen, Germany).  Tiled images of the entire scaffold are 
obtained using a 25x objective, which are composed of either 3 x 3 tiles (927 µm x 927 
µm) or 4 x 4 tiles (1270 µm x 1270 µm) depending on the scaffold architecture.  In 
                                                 
† Performed by J.N. Hanson, R. G. Nuzzo, University of Illinois. 
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addition, 2 x 2 tiled images (250 µm x 250 µm) are captured using a 40x objective for 
data analysis.  
3.3.6. Image Analysis.†  Confocal z-stacks are reconstructed using Imaris software 
(Bitplane, Inc., Zurich, Switzerland). The distribution of cells is determined using the 
Spots Analysis.  At least two samples, from different culture dates, are analyzed for each 
scaffold architecture.  Position data is imported into MATLAB (The MathWorks, Natick, 
MA) and viewed in 3D from the x-z plane, in which cell size is varied to indicate its 
position along the y-axis. 
Scaffold and neuronal process z-stacks are reconstructed into separate 3D arrays 
using MATLAB. A Multidimensional Fast Fourier Transform (FFT) package is used to 
analyze the 3D arrays.  The function ‘fftn’ is used to determine the 3D FFT; ‘fftshift’ is 
then used to center the low frequency components of the transform. The power spectrum 
is taken as the log of the absolute value of the centered transform and scaled identically 
between samples to display in the grayscale color range 0 to 255. In order to determine 
the orientation of the neuronal processes, the ‘fanbeam’ function is used to integrate 
around the lateral (x-y) and vertical (x-z) orientations, in which the lateral orientation 
possesses the highest intensity. Only the center beam of the ‘fanbeam’ projection is used 
in a 360o rotation.  A low pass filter is used on each FFT image to remove the lowest 
value, and then the data is normalized.  Intensity linescans are taken across the primary 
angle in the process FFT images using ImageJ (U.S. NIH, Bethesda, MD). Dilated 
scaffold 3D arrays are subtracted from the process 3D arrays to calculate the percent of 
the neuronal network on the scaffold. 
 
                                                 
† Analysis performed by R.F. Shepherd, J.N. Hanson, R. G. Nuzzo, University of Illinois. 
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3.4 RESULTS AND DISCUSSION 
3.4.1 Design of pHEMA Inks.  To design a pHEMA ink with an inherent viscoelasticity, 
the polymer chains must be sufficiently concentrated and entangled.  There are three 
distinct concentration regimes for flexible polymer solutions, as shown in Figure 
3.10.[23]  Below c*, the critical overlap concentration, the polymers are in a dilute state, 
where the average distance between polymers is larger than their size.  As c increases 
above c* into the semidilute state, the polymer coils begin to overlap.  Above c**, the 
polymers are in the concentrated solution state. 
 
Figure 3.10. Solution regimes of flexible polymers.  As the concentration increases, the 
solution changes from dilute (c < c*) to semidilute (c* < c < c**), to concentrated  
(c > c**). 
The critical entanglement concentration ce, lies between c* and c** for polymers 
above the critical entanglement molecular weight, Me.  Wood et al. [24] estimated that 
the molecular weight between entanglements in pHEMA to be approximately 21,000-
36,000 g/mol.  Using the conservative value of 36k g/mol for Me, we can calculate the 
entanglement concentration:[23] 
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where Ne is the number of monomers in the critically entangled strand (Me / Mmonomer and 
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MHEMA = 130 g/mol), N is the number of monomers in the polymer of interest, and ν is the 
Flory exponent (0.6 in a good solvent).  We calculate ϕe to be 0.18 and 0.07 for 300k and 
1M g/mol pHEMA, respectively. Conservatively, this corresponds to 20.5 wt% 300k or 
8.0 wt% 1M g/mol pHEMA.  In an optimal ink formulation, the concentration of 
pHEMA must be above these values to ensure that the chains reside in the physically 
entangled state. 
A bimodal molecular weight distribution of high molecular weight pHEMA 
chains provides greater control over the ink rheology.  Figure 3.11 illustrates the low 
shear viscosity, shear thinning exponent, and shear elastic modulus (G′) as a function of 
pure 300k and 1M g/mol pHEMA solutions of varying concentration and the blended 
pHEMA ink comprised of a 5:2 weight ratio of 300k:1M chains.  The shear thinning 
exponent n is calculated by fitting viscosity (η) to a power law in the high shear rate 
regime using the equation: 
             1−= nmγη &  
where γ&  is the shear rate and m is a fitting parameter.   
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Figure 3.11. (a) Low shear viscosity, (b) shear thinning exponent, and (c) shear elastic 
modulus (G') as a function of polymer concentration for pure 300k and 1M g/mol 
pHEMA solutions and blended pHEMA inks comprised of a 5:2 300k:1M polymer ratio. 
The solid line in (a) refers to the de Gennes theoretical scaling parameter (η ~ c3.75) for 
entangled semidilute solutions. 
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At the lower concentrations measured, the viscosities of 300k and 1M g/mol 
pHEMA exhibit a strong concentration dependence, where η~c3.0 and η~c3.9, respectively 
(Figure 3.11a).  These values are similar to the theoretical scaling behavior proposed by 
de Gennes for semidilute entangled polymers:[25,26]  
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where ηs is the solvent viscosity, c* is the critical overlap concentration, and ν is the 
Flory exponent (0.6 in a good solvent).  The scaling behavior η~c3.75 is denoted on Figure 
3.11a by a solid black line.  This confirms that the pHEMA polymers are in the 
physically entangled state above c*.  By contrast, for unentangled semidilute polymers in 
a good solvent, the viscosity scales as η~c1.25.  Above c**, the viscosities depend more 
strongly on polymer concentration, where η~c11-14, because the pHEMA chains are in the 
highly entangled, concentrated state.  We note, however, that this scaling parameter is 
polymer dependent and the most concentrated pHEMA solutions do not exhibit a zero 
shear plateau due to their highly entangled state. 
As expected, the viscosity and G′ of the pure 1M g/mol pHEMA solutions are 
greater than that of the 300k g/mol pHEMA solutions at a given concentration, while 
those of the blended 5:2 300k:1M pHEMA solution lie between theses values (see Figure 
3.11a,c).  Although the curves look similar, the presence of the 1M g/mol pHEMA 
significantly enhances the solution viscosity.  For example, three compositions with 
similar G′~100 Pa: 25 wt% 1M g/mol, 35 wt% 5:2 300k:1M weight ratio blend, and 40 
wt% 300k g/mol pHEMA exhibit solution viscosities of 480 Pa·s, 180 Pa·s, and 60 Pa·s, 
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respectively.  Since lower viscosity inks flow more readily through micronozzles during 
direct-write assembly, the latter compositions are preferable. 
Based only on this argument, one would expect that inks composed solely of 300k 
g/mol pHEMA chains would be optimal, given their lower viscosity.  However, the 
presence of pHEMA chains with even higher molecular weight (1M g/mol) improves ink 
printability.  The chains of the entangled physical network align under shear, decreasing 
the viscosity as the shear rate increases.  In Figure 3.11b, the shear thinning exponent n 
( 1−= nγη & ) is shown as a function of polymer concentration, where lower values of n 
indicate increased shear thinning. The higher molecular weight pHEMA chains in the 
solution lead to more pronounced shear thinning behavior compared to the 300k g/mol 
pHEMA solutions.  For example, for the three compositions described above, n = 0.53 
for 1M, 0.56 for the blend, and 0.63 for 300k.  An enhanced shear thinning response 
improves printability, since the ink must be able to easily flow out of the micronozzle 
under an applied shear. Additionally, blends of polymers with varied molecular weight in 
solution should possess higher extensional viscosity compared to a polymer solution 
composed of pHEMA chains with an equivalent average molecular weight.[27]  Thus, the 
addition of longer pHEMA chains is expected to facilitate filament formation during 
direct-write assembly. 
Given that the polymer blend improves printability, inks are prepared with 
compositions ranging from 25-40 wt% pHEMA with a 5:2 weight ratio of 300k:1M 
g/mol along with monomer, comonomer, photoinitiator, and water to identify those with 
suitable rheological properties for direct-write assembly.  These inks were loaded into 
syringe barrels and extruded through deposition nozzles to evaluate their printing 
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performance.  Specifically, we sought to identify an ink that would easily extrude from 
the nozzle in a continuous filament, adhere well to both the substrate and underlying 
layers, span underlying layers without slumping, and reproducibly yield patterned 3D 
structures.  From our observations, the optimal ink for 3D printing through 1-10 μm 
nozzles consists of 35 wt% pHEMA with a 5:2 300k:1M weight ratio, 40 wt% HEMA, 
23.5 wt% H2O, 1 wt% ethylene glycol dimethacrylate (EGDMA), and 0.5 wt% 2,2-
dimethoxy-2-phenylacetophenone (DMPA). 
The rheological behavior of this ink is illustrated in Figure 3.12.  Its zero shear 
viscosity, η0, is ~180 Pa·s and above a critical shear rate, cγ& ~ 10-1 s-1, shear thinning 
occurs and the apparent viscosity decreases (see Figure 3.12a).  This response reflects the 
alignment of entangled chains under the applied shear stress.  In the high shear rate 
regime, the viscosity can be fit to a power law ( 1~ −nγη & ), where the shear thinning 
exponent n is 0.56, as indicated by the solid line in Figure 3.12a.  The shear rate at the 
nozzle walls during extrusion can be estimated by:[28] 
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where b = inverse of the shear thinning exponent n, Q = volumetric flow rate = νπR2, ν = 
print speed, and R = nozzle radius.  By using n ~ 0.56, then b ~ 1.78 and the maximum 
shear rate applied at the nozzle walls during printing is estimated to be wallγ& ~ 420 s-1.  At 
this shear rate, the ink viscosity is ~12 Pa·s, an order of magnitude below the zero shear 
plateau.  This significant decrease in viscosity allows the ink to flow smoothly out of a 
micronozzle without clogging. 
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Figure 3.12. Rheological behavior for the 35 wt% 5:2 300k:1M weight ratio blend 
pHEMA ink. (a) Viscosity as a function of shear rate.  The shear thinning exponent is 
indicated by the solid black line.  (b) Shear elastic (G') and viscous (G") moduli 
measured in oscillation at a frequency of 1 Hz. 
The shear elastic modulus (G') and viscous modulus (G") of the pHEMA ink are 
measured in oscillatory mode at 1 Hz (see Figure 3.12b).  The optimal ink possesses a 
plateau elastic modulus (G') of ~120 Pa and a yield stress of ~330 Pa.   At this frequency, 
the ink displays a G" > G' over all shear stresses probed experimentally, indicating that 
the solution exhibits liquid-like behavior.  However, the similarity of the values provides 
sufficient elasticity to promote shape retention until the structure is further strengthened 
by UV curing.  We speculate that shape retention is facilitated by water evaporation, as 
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demonstrated by the evolution of the ink G' and G" as a function of drying time in Figure 
3.13.  After ~3.75 h, G' increases above G", indicating solid-like behavior.  However, 
because the printed filaments have a much higher surface area to volume ratio, we 
estimate that they become solid-like after ~1 s of drying. 
 
Figure 3.13. Shear elastic (G') and viscous (G") moduli of 35 wt% pHEMA 5:2 300k:1M 
ink as a function of drying time with the aqueous solvent trap removed from the 
rheometer. 
The physically entangled pHEMA chains control the initial ink rheology, while 
the chemical gel network that results from the photopolymerization can be used to tailor 
the mechanical properties of the printed and cured hydrogel scaffolds.  Importantly, 
varying the pHEMA concentration has little effect on the mechanical properties of the 
cured scaffolds, as shown in Figure 3.14a.  Both the G′ of the initial and cured inks are 
shown as a function of the pHEMA + HEMA concentration of the original ink.  Although 
the initial G′ is varied over three orders of magnitude as the pHEMA concentration 
increases, the final G′ of the cured ink, which ranges from 100 to 260 kPa, is nearly 
independent of this parameter.  Hence, it is the chemically crosslinked, gel network 
produced by photopolymerization after printing, rather than the physically entangled long 
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chain polymers that dominate the final mechanical properties of the 3D microperiodic 
scaffolds.  One can view these structures as possessing an interpenetrating physical-
chemical gel network,[29] which has been shown to have higher toughness, yet a lower 
elastic modulus than pure chemical gels.[30] 
 
Figure 3.14. (a) G' of the initial (open symbols) and cured (closed symbols) inks are 
shown as a function of the pHEMA + HEMA concentration of the ink.  The red symbols 
refer to inks with 40 wt% monomer and varying pHEMA concentration with a 5:2 
300k:1M pHEMA polymer weight ratio.  The blue symbols refer to inks with 35 wt% 5:2 
300k:1M pHEMA polymer weight ratio and varying HEMA concentration.  All samples 
have 1 wt% comonomer EGDMA. (b) G' of the initial (open symbols) and cured (closed 
symbols) inks as a function of the EGDMA comonomer concentration of the ink. All 
samples have 35 wt% 5:2 300k:1M weight ratio blend pHEMA and 40 wt% HEMA. 
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To further explore the contributions of the chemical gel to the mechanical 
properties of the cured ink, the initial HEMA monomer concentration is varied. Changing 
this component has little effect on the rheological properties of the ink, but the 
corresponding cured hydrogel scaffolds have shear elasticity values that range over two 
orders of magnitude from 4 to 190 kPa (Figure 3.14a). Although the physical and 
chemical gel networks are interpenetrating, the chemical network provides the dominant 
contribution to the hydrogel elasticity, making it easy to tailor the mechanical properties 
by varying the monomer (HEMA) concentration, while still maintaining the rheological 
behavior necessary for direct-write assembly. The crosslinking density can also affect the 
cured hydrogel’s elastic properties, as shown in Figure 3.14b. When the comonomer, 
EGDMA, is varied from 0 to 7.5 wt%, the final G′ ranges from 130 to 670 kPa. By 
changing these constituents at a fixed concentration of pHEMA chains, we can create a 
series of printable inks with tailored mechanical properties for specific tissue engineering 
applications. 
3.4.2 3D pHEMA Microperiodic Direct-Write Scaffolds.  As one example, we have 
fabricated 3D pHEMA scaffolds via direct-write assembly that can be used for robust 
neuronal cell culture.  While prior efforts on polyacrylamide inks (described in Chapter 
2) required in situ polymerization during printing,[31] the pHEMA ink can be used to 
form structures that do not require UV exposure until after printing is complete.  These 
pHEMA inks can be fabricated into 3D direct-write structures of varying architecture.  
For example, 3D scaffolds can be printed with different filament diameters, center-to-
center filament spacing, and layer height.  Figure 3.15 demonstrates the flexibility of the 
hydrogel ink composed of 35 wt% pHEMA with a 5:2 ratio of 300k and 1M g/mol 
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polymers.  pHEMA scaffolds printed with 10, 5, and 1 μm nozzles are presented in 
Figure 3.15a-c and can be printed with the same ink formulation by adjusting the applied 
extrusion pressure, scaffolds dimensions, and printing speed.  Although such scaffolds 
are commonly fabricated by patterning orthogonally aligned filaments between each 
layer, the vertical pore space can be increased simply by printing adjacent layers aligned 
in the same direction, as shown in Figure 3.15d, where the wall height has been doubled. 
 
Figure 3.15. SEM micrographs of 3D scaffolds printed with a 35 wt% pHEMA ink with a 
5:2 ratio of 300k and 1M g/mol polymers.  Structures can be fabricated by printing the 
pHEMA ink through nozzles of (a) 10 μm, (b) 5 μm, and (c) 1 μm. (d) The vertical 
spacing can also be increased by printing adjacent layers aligned in the same direction to 
form a double layered scaffold, which was printed with a 5 μm nozzle. 
The individual rods exhibit a smooth morphology, free of visible nanoporosity or 
texture.  As shown in Figure 3.15, the pHEMA ink maintains its filamentary shape and 
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the printed rods are able to span distances of up to ~100 μm without slumping, creating 
an interconnected 3D porous structure.  Note, rods printed through 10 μm nozzles result 
in cylindrical features with 8-10 μm diameters. 
For neuronal cell culture, four scaffold architectures are produced; each of which 
contains orthogonal arrays of cylindrical hydrogel rods (ca. 8-10 µm in diameter) with a 
varying center-to-center spacing between adjacent rods of 30, 40, 60, and 80 µm (see 
Figure 3.16). To render the scaffolds growth compliant for primary rat hippocampal 
neurons, they are chemically modified by immersion in a polylysine solution, where rapid 
absorption of these polypeptide species occurs (see Figure 3.17). 
 
Figure 3.16. SEM micrographs of 3D pHEMA scaffolds of varying architecture. 
Scaffolds with a pitch of (a) 30 µm, (b) 40 µm, (c) 60 µm, and (d) 80 µm.  All scalebars 
20 µm. 
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Figure 3.17. The fluorescent micrographs highlight the scaffolds post-exposure of (a) 
FITC-polylysine, (b) FITC-Protein A and (c) FITC-Immunoglobulin G, indicating that 
only polylysine is strongly absorbed by these structures. Scalebar 200 µm. 
3.4.3 Hippocampal Neuron Culture.  After sterilization and subsequent treatment with 
unlabeled polylysine, the 3D hydrogel scaffolds are plated with post-natal day 1 primary 
rat hippocampal neurons.  After seven days in vitro, the cultured neurons form extensive 
differentiated networks within the 3D scaffolds, as shown in the reconstructed CLSM 
images in Figure 3.18 and in lower magnification images in Figure 3.19.  From these 
images, we find that the neuron response is dependent upon the scaffold architecture.  As 
the spacing between adjacent patterned rods increases, there is a decrease in the number 
of cell somata that are fully integrated throughout the 3D scaffold and an increase in the 
number of neuronal networks established on the underlying glass substrate.  The cell 
survival in each scaffold is high and the cultures develop stably without evidence of cell 
division.  At seven days in vitro, cells show elaborate processes that exhibit MAP2, a 
protein commonly present in dendrites.   
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Figure 3.18. Confocal images (x-y scans, tiled) of primary rat hippocampal cells 
distributed within scaffolds of varying pitch:  (a) 30 µm, (b) 40 µm, (c) 60 µm, and (d) 80 
µm. A primary monoclonal antibody for actin is used to label the processes, while TO-
PRO3 was used to label nuclei. Side view reconstructions denote the positions (in x-z 
plane) of the neuronal somata, while their relative size indicates their position along the 
y-axis.  Scalebar 40 µm. 
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Figure 3.19. Low magnification (tiled) confocal images of primary rat hippocampal cells 
interacting with scaffolds of varying pitch: (a) 30 µm, (b) 40 µm, (c) 60 µm, and (d) 80 
µm, which highlight significant neuronal integration throughout each scaffold. In these 
images, actin in the cytoskeleton is stained green, while the cell nuclei are stained red. 
Scalebar 100 µm. 
Figure 3.18 shows a top view of each 3D scaffold that highlights neuronal process 
organization, as well as a reconstructed side view, which illustrate cell distribution along 
the vertical direction.  For scaffolds with a pitch of 30 µm, the majority of cell somata 
and their respective processes are confined to the top layers of the scaffold (Figure 
3.18a).  The neuronal processes clearly follow along the scaffold rods, which is expected 
 61
given that hippocampal neurons preferentially attach to and follow along planar surface 
topographies, such as those formed by patterned post arrays.[16]  As the scaffold pitch 
increases to 40 µm, the neurons create highly branched and aligned networks where the 
cell bodies are well distributed within the vertical dimension (Figure 3.18b).  On this 
scaffold, the neuronal processes are able to penetrate all layers, instead of being confined 
to those near the top.  When the scaffold pitch is further increased to 60 µm, the open 
pore channels are large enough to facilitate the partitioning of cells to lower layers, where 
they attach to the underlying substrate (Figure 3.18c). On these scaffolds, however, three-
dimensionally supported neuronal networks do develop.  As the pitch is increased further 
to 80 µm, the dominant somata response is the formation of intricate neuronal networks 
on the underlying substrate surface (Figure 3.18d). Typically, these networks consist of 
1-2 neurons in each compartmentalized “pore” space with cellular processes that interact 
and densely follow the contours of the overlaying scaffold rods. 
3.4.4 Image Analysis of 3D Cultures.  The cell soma distribution is quantitatively 
assessed as a function of lateral and vertical position (Figure 3.20) by 3D image analysis 
of confocal scans acquired in a representative volume of 250 x 250 x ~50 µm3 within 
each scaffold.  While the cells are well distributed laterally (Figure 3.20a), the pitch 
between filaments determines their vertical distribution in these scaffolds (Figure 3.20b). 
At the smallest pitch of 30 µm, the distribution is somewhat skewed to the upper layers of 
the scaffold (Figure 3.20b).  In this architecture, the characteristic pore size is ~20-22 µm, 
which may hinder the ~10 µm somata from efficiently integrating deep within the 
scaffold.  In scaffolds with a 40 µm pitch (~30-32 µm pores), the cell soma are well 
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integrated vertically, while they tend to segregate to the region near the substrate in 
scaffolds with a pitch of either 60 or 80 µm.    
 
Figure 3.20. Cell distribution as a function of (a) lateral and (b) vertical position within 
3D pHEMA scaffolds of varying pitch. 
To probe specific cell morphologies and process outgrowth behavior, individual 
cells are isolated and reconstructed in 3D through image analysis. Confocal images and 
reconstructions of representative cells are shown in Figure 3.21.  The neuronal soma in 
Figure 3.21a displays a pyramidal morphology, which is commonly present in in vitro 
cultures of hippocampal neurons.[22]  This 3D reconstruction reveals that the neuronal 
process follows underneath the scaffold on one side, while navigating over the top of the 
scaffold rod on the other.  In Figure 3.21b, a cell body is seen to attach horizontally to the 
scaffold while its processes wrap around the adjacent rod in a high symmetry that 
maximizes multi-rod surface contacts.  The inset reveals the process wrapping more 
clearly in a cross-sectional view.  This behavior is most commonly observed on the 
topmost layers of scaffolds with the three smallest pitch sizes, where the neuronal 
processes can more easily access and interact with the entire circumference of the printed 
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hydrogel rods.  Somata with a distorted cell shape are also observed as they fit 
themselves between scaffold layers, highlighting a strong preference for interaction with 
the scaffold surface.  
 
Figure 3.21. Confocal images of representative neuron cells on the scaffolds (top row), 
reconstructed views (middle row) and reconstructed view of cells only (bottom row).  (a) 
Pyramidal soma morphology on scaffold (60 µm pitch). (b) Neuronal process wrapping 
around cylindrical feature within scaffold (60 µm pitch).  (c) Soma supported by neuronal 
processes on scaffold (40 µm pitch).  (d) Process contact guidance on a scaffold (30 µm 
pitch).  In the images, the scaffold and cell nuclei are stained red and the processes are 
green.  In the reconstructions, the nuclei are colored blue. The actin in the cytoskeleton is 
stained green, while the cell nuclei are stained red. Scale bar 20 µm. 
While it appears that the majority of cell bodies prefer to interact with these 3D 
scaffolds, some somata are vertically suspended with only their neuronal processes 
providing the necessary anchorage to the scaffold (Figure 3.21c).  This suggests 
significant neuronal migration after plating onto the scaffold structures.  An interesting 
morphology is revealed in this image where, instead of wrapping around an individual 
hydrogel rod, the process wraps around junctions formed at orthogonal intersections 
between printed rods in adjacent layers (a behavior most typically observed on scaffolds 
of the two smallest pitch sizes).  Broader contact guidance along the two perpendicular 
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scaffold orientations is observed on all scaffold architectures.  An example of this is 
given in Figure 3.21d, where the neuronal processes of a soma in a 30 µm pitch scaffold 
are clearly guided by the patterned features. 
To quantify the neuronal process alignment, separate fast Fourier transforms 
(FFTs) are calculated for both the scaffolds and neuronal processes observed in the 3D 
reconstructed images.  FFTs acquired from a 3D scaffold (40 μm pitch) and 
corresponding neuronal processes, shown in Figure 3.22a-b, reveal the strong periodicity 
of both the scaffold and the interacting neuronal processes.  The inset in Figure 3.22a 
denotes the scaffold orientation. These images are analyzed and plotted for the specific 
rod and process fluorescence intensities as a function of angle (Figure 3.22c-d). The 
similarities between the two polar plots indicate that the neuronal processes have a 
similar degree of periodicity as the scaffolds, suggesting that the processes closely follow 
along the topography of the scaffold. 
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Figure 3.22. Planar representations of 3D fast Fourier transform (FFT) calculated for (a) 
scaffold with 40 μm pitch and (b) corresponding neuronal processes on this scaffold. 
Inset in (a) is an SEM image that indicates scaffold orientation. Normalized intensity as a 
function of angle for (c) scaffolds of varying pitch and (d) neuronal processes calculated 
from the FFTs.  (e) Extent of cellular process alignment as a function of scaffold pitch.  
(f) Line scans of intensity measured across the primary angle of the neuronal process 
alignment in the FFTs (denoted by arrows in (b).  Scalebar 20 μm. 
  The anisotropy of this process alignment on the scaffolds can be approximated 
from the 3D reconstructions, as shown in Figure 3.22e.  As expected, the correlation 
length of this induced anisotropy decreases as the pitch size increases. The intensity line 
scans taken across the primary angle in the neuronal process FFTs, shown in Figure 
3.22f, indicates that the processes exhibit a higher degree of periodicity within 3D 
scaffolds of smaller pitch (i.e., 30-40 μm). Interestingly, scaffolds with 40 μm pitch 
present a better peak-to-noise ratio than those of 30 μm pitch. This may be due to the 
increased proclivity for processes to form bridges that span between rods in scaffolds of 
finer pitch, as illustrated in Figure 3.18a. 
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3.5 CONCLUSIONS 
We have developed hydrogel inks composed of a blend of high molecular weight 
pHEMA chains dissolved in a photopolymerizable aqueous solution for direct-write 
assembly of 3D microperiodic scaffolds. By optimizing the ink rheology, 3D scaffolds 
have been fabricated with varying architecture and mechanical properties.  3D 
microperiodic hydrogel scaffolds offer a robust, biocompatible culture system for 
primary hippocampal neurons.  Using confocal microscopy coupled with image analysis, 
cell-scaffold interactions were observed and quantified in 3D allowing further insight to 
neuronal development in complex environments.  This programmable 3D platform offers 
new opportunities for studying and controlling the distribution of hippocampal neurons in 
three dimensions, which may be extended to other sensitive cell types and tissues. 
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CHAPTER 4 
DIRECT-WRITE ASSEMBLY OF 3D SILK SCAFFOLDS FOR GUIDED 
HUMAN MESENCHYMAL STEM CELL INTERACTIONS 
 
 
4.1 INTRODUCTION 
 In this chapter, the fabrication, characterization, and culture of 3D microperiodic 
silk fibroin tissue engineering scaffolds are investigated.  A silk fibroin ink obtained from 
the Bombyx mori silkworm is purified, concentrated by dialysis, and deposited in a layer-
by-layer fashion through a microcapillary nozzle to produce a 3D periodic array of silk 
fibers of diameter 5 μm. The extruded fibers crystallize when deposited into a methanol-
rich reservoir, retaining an interconnected porosity that facilitates culture media transport.  
The rheological properties of silk fibroin inks of varying concentration are measured 
using both shear viscometry and oscillatory techniques.  After printing, the crystallized 
silk fibers are characterized by infrared spectroscopy and nanoindentation to determine 
their structure and mechanical properties, respectively. The scaffolds support human bone 
marrow-derived mesenchymal stem cell (hMSC) adhesion and growth. Cells cultured 
under chondrogenic conditions on these scaffolds exhibit enhanced chondrogenic 
differentiation based on increased glucosaminoglycan production compared to standard 
pellet culture.  
 
4.2 LITERATURE REVIEW 
4.2.1 Human mesenchymal stem cells and chondrogenic differentiation.  Human 
mesenchymal stem cells (hMSCs) are adult stem cells that display multipotency, 
meaning that they can differentiate into a number of different cell types.  This is in 
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contrast to pluripotent embryonic stem cells, which can differentiate into almost every 
cell type.  hMSCs are generally cultured from adult bone marrow in the iliac crest of the 
pelvis, but they can also be isolated from marrow from the tibia, femur, spine and other 
bones.[1]  Other mesenchymal-like stem cells can be found within specific tissues, but 
have more defined differentiation pathways and are more difficult to isolate.  hMSCs 
have a fibroblastic morphology and are often considered to be immature fibroblasts, the 
cells that produce the extracellular matrix (ECM) molecules in connective tissue.  As 
precursor cells, hMSCs can differentiate into cells from bone, fat, cartilage, and 
sometimes muscle or neuron-like cells, although connective tissues are most common. 
Figure 4.1 presents the common osteogenic (bone), adipogenic (fat), and chondrogenic 
(cartilage) pathways.[1]  This differentiation is easily induced in regenerative studies by 
using appropriate growth factors and culture conditions.   
 
Figure 4.1. (a) Undifferentiated MSCs grown in monolayer culture and after 
differentiation along the (b) osteogenic, (c) adipogenic, and (d-e) chondrogenic pathways. 
Cell differentiation is these cultures was observed following staining with von Kossa (b), 
Nile red O (c), Safranin O (d) and by immunostaining with an antibody specific for type 
II collagen (e).[1] 
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 To induce chondrogenic differentiation in hMSCs, one of the most important 
culture additions is a member of the transforming growth factor-β (TGF-β) family.  One 
of the earliest functions of TGF-β was identified to be chondrogenesis in rat MSCs.[2]  
Growth factors, like TGF-β, are extracellular polypeptide signal molecules that can 
stimulate a cell to grow, proliferate, or differentiate, but often have other functions.  
Since TGF-β is expressed in the extracellular matrix, receptors in cells must isolate and 
recognize the molecule to have the appropriate response.  An example of a TGF-
β signaling pathway can be seen in Figure 4.2, where the signal eventually results in 
turning on a gene so that transcription can occur.[3] 
 
Figure 4.2. A model for the Smad-dependent signaling pathway activated by TGF-β.[3] 
 Another common molecule that contributes to chondrogenic differentiation in 
vivo is dexamethasone.[4]  Dexamethasone, a steroid hormone, is often used for anti-
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inflammatory applications.  Studies have shown that dexamethasone can induce 
chondrogenesis in the absence of TGF-β, but the fraction of differentiated cells improves 
with the addition of this growth factor.[4]   Although TGF-β can induce chondrogensis 
alone, the combination of TGF-β and dexamethasone results in improved growth of the 
culture. 
 Once hMSCs differentiate into chondrocyctes, there are a few indicators of the 
transformation.  The ECM of cartilage is primarily made of collagen and proteoglycans, 
and these proteins are usually investigated in culture studies.[5]  Specifically, the 
collagen component consists of mainly Type II collagen and proteoglycans, molecules 
are made up of a core protein, saccharide linker, and a glycosaminoglycan (GAG) chain, 
as shown in Figure 4.3.[3]  GAGs are long, linear polysaccharide chains of two repeating 
sugar molecules, one of which is an amino sugar.  The production of GAGs or GAG 
secondary structures is a commonly measured indicator of chondrogenic 
differentiation.[5] 
 
Figure 4.3. Proteoglycan molecule which consists of core protein, link tetrasaccharide, 
and glycosaminoglycan (GAG) chain.[3] 
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4.2.2 Cartilage Tissue Structure.  As mentioned above, Type II collagen is the 
predominant collagen in most cartilage.  Type II collagen is a stiff molecule that forms a 
triple helix structure and links with other helices to form fibrils that are usually ~50 nm 
in diameter.[3]  The fibril structure, shown in Figure 4.4, provides strength to the 
connective tissue.  The fibrils bundle into collagen fibers that vary from 200 nm to tens 
of microns in diameter (Figure 4.5).[6] 
 
Figure 4.4. Collagen molecules wrap together to form a triple helix and these structures 
link together to form collagen fibrils.[3] 
 
Figure 4.5. Collagen fibrils within a fiber from the radial zone of rabbit articular 
cartilage.  Scalebar, 1 μm.[6] 
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  Although the collagen in cartilage has a specific spatial organization for different 
types and regions, the collagen fibrils and fibers always interweave to form an intricate 
3D porous network to impart tensile strength to the tissue as well as to physically entrap 
other macromolecules.[7]  For examples, the images in Figure 4.6-7 show different 
structural organization of collagen fibers in cartilaginous tissues.  Figure 4.6 is of rabbit 
articular cartilage, which highlights void areas where cells used to reside.[6]  Figure 4.7 
is of a canine meniscus, in which the network has pore sizes of ~10-100 μm with a mean 
diameter of 49.3 ± 10.3  μm in the major axis.[8]  
 
Figure 4.6. SEM image of radial zone of rabbit articular cartilage.  This fracture plane 
passes through lacunae voids, where cells used to live.  Scalebar, 10 μm.[6] 
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Figure 4.7. Confocal micrograph of a coronal section of the medial meniscus stained for 
types I (green) and II (red) collagen.  Arrow indicates where type II collagen is 
pronounced.  Cell nuclei are stained blue with DAPI (4',6-diamidino-2-phenylindole).[8] 
4.2.3 Cartilage Tissue Engineering.  Joint pain usually results from damage to the 
joint’s articular cartilage from osteoarthritis or trauma from a sports injury.[7]  Since 
cartilage is avascular and cannot easily self-repair, articular cartilage tissues is a good 
target for tissue engineering applications because repair of joint pain can lead to 
significant improvements in quality of life.  There are a number of options for cartilage 
repair, including tissue autografts taken from a less weight bearing region of the body, 
stimulation of regeneration by drilling, expanding a small biopsy of cells to inject into 
the damaged region and covering with a tissue flap, and porous cell scaffolds.[7]  Of 
these, the latter is optimal because it reduces the surgical risk to the patient, supplies 
mechanical strength, and provides a substrate for chondrocytes, which are anchorage-
dependent.  Additionally, 3D scaffolds have been found to help chondrocytes retain their 
differentiated phenotype, while chondrocytes in 2D cultures can dedifferentiate and 
produce Type I collagen instead of Type II.[7] 
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 Current research on scaffolds for cartilage repair includes a wide variety of 
materials, including collagen, polylactic and polyglycolic acids, chitosan, agarose, and 
alginate.[9]  Like any tissue scaffolds, those produced for cartilage applications must be 
biocompatible, porous enough to allow for cell migration, able to promote cell adhesion, 
and biodegradable or bioresorbable.  They must also possess suitable mechanical 
properties.  An example of a highly porous chitosan scaffold for cartilage repair is shown 
in Figure 4.8. 
 
Figure 4.8. SEM image of chitosan scaffold fabricated by freezing process.[10] 
Silk fibroin protein from Bombyx mori silkworms is another material widely used 
for cartilage tissue scaffolds, chosen for its superb biocompatibility, robust mechanical 
properties including high mechanical modulus and toughness, relatively slow proteolytic 
biodegradation, and its processability in aqueous solutions.[11-13]  This unique 
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combination of features is well suited for engineering degradable biocompatible 
constructs for investigating cell-based interactions.  In fact, this material has been used 
extensively in the field of regenerative medicine for surgical needs, in drug delivery[14] 
and as scaffolds for tissue engineering (see Figure 4.9).[11,15-20] 
 
Figure 4.9. SEM image of silk fibroin salt-leached scaffold for cartilage tissue 
engineering.[11] 
The aim of this work is to design silk fibroin-based inks for direct-write assembly 
of 3D scaffolds for cartilage tissue growth.  The rheological behavior of the silk-based 
inks and the structural properties of printed silk filaments are characterized.  3D 
microperiodic scaffolds are fabricated and cultured with hMSCs in chondrogenic media, 
and the cells investigated for scaffold interaction and differentiation. 
 
4.3 EXPERIMENTAL PROCEDURE  
4.3.1 Silk Ink Preparation. Inks composed of 28-30 wt% aqueous silk fibroin (Figure 
4.10) solution are prepared by a multi-step process.[14]  Cocoons of Bombyx mori 
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silkworm silk (Tajima Shoji Co., Ltd., Yokohama, Japan) (Figure 4.11) are first boiled 
for 30 min in an aqueous solution of 0.02 M Na2CO3, and then rinsed thoroughly with 
distilled water to extract the glue-like sericin proteins.  The extracted fibroin is dissolved 
in 9.3M LiBr solution at 60°C for 4 h, yielding a 20 wt% aqueous solution. This solution 
is dialyzed against distilled water using Slide-a-Lyzer dialysis cassettes (MWCO 3,500, 
Pierce) at room temperature for 3 days to remove the salt. The dialysate is centrifuged 
twice, each at -5°C to 10°C for 20 min, to remove impurities and aggregates. The 
polymer solution obtained from this part of the process contains approximately 8 wt% 
silk fibroin.† 
 
Figure 4.10. (a) Schematic of the structure and hierarchical nature of Bombyx mori silk 
fibroin.  SEM images of (b) natural Bombyx mori silk fibers prior to extraction of gum-
like sericin and (c) fractured fiber of native silk fibroin after sericin extraction.[21,22] 
                                                 
† Performed by S. Ghosh, X. Wang, D.L Kaplan, Tufts University 
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Figure 4.11. Bombyx mori cocoons before processing. 
 This solution (8 wt% silk fibroin, 9 mL) is then dialyzed against a 15 wt% 
poly(ethylene glycol) (PEG) (8,000 g/mol, Sigma Aldrich) solution at room temperature 
with Slide-a-Lyzer dialysis cassettes (MWCO 3,500). The volume ratio of PEG solution 
to silk fibroin solution is 40:1.  After approximately 14 h, the concentrated silk fibroin 
solution (28-30 wt%) is slowly removed by a syringe to avoid excessive shearing.  The 
solutions are stored at 4°C and the concentrated inks are used within 7 days to minimize 
gelation. 
4.3.2 Ink Characterization. The rheological properties of silk solutions are determined 
using a controlled stress rheometer (Bohlin CVO Rheometer, Malvern Instruments Ltd., 
Worcestershire, UK) fitted with a cone and plate geometry (CP 4/40, cone diameter of 40 
mm with a 4° angle and gap width of 150 μm).  Shear viscosity measurements are carried 
out in controlled shear stress (τ) mode in a logarithmically ascending series of discrete 
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steps. The elastic shear (G′) and viscous (G″) moduli are measured using an oscillatory 
logarithmic stress sweep at 1 Hz.  Measurements are carried out at 22°C using a water 
solvent trap to mitigate drying effects.  
4.3.3 Direct-Write Assembly. 3D scaffolds are formed with micron-sized features using 
a 3-axis micropositioning stage (ABL9000, Aerotech Inc., Pittsburgh, PA) controlled by 
customized software (3D Inks, Stillwater, OK).  The ink is housed in a syringe (barrel 
diameter = 4.6 mm, EFD Inc., East Providence, RI) that is mounted on the x-y-z stage.  
The ink is extruded through a tapered micro-capillary nozzle (5-10 μm) that is pulled 
from a borosilicate glass tube (1.0 mm outer diameter and 0.58 mm inner diameter) 
using a P-2000 Laser Based Micropipette Puller (Sutter Instrument, Novato, CA) onto a 
stationary glass substrate.  The inks are extruded under an applied pressure (800 Ultra 
dispensing system, EFD Inc.) (20-70 kPa) at a constant deposition speed (2 mm s-1).  
After patterning the initial layer, the nozzle is incrementally raised in the z-direction to 
generate the next layer.  In each subsequent layer, an array of parallel filaments is 
printed such that their orientation is orthogonal to the layers immediately above and 
below.  This process is repeated until the desired 3D structure, in the form of a simple 
tetragonal geometry, is assembled. 
 The silk ink is deposited into a coagulation reservoir (~ 200 μl) consisting of 
86% methanol and 14% deionized water by volume.  As the ink exits the nozzle, a 
continuous rod-like filament forms that retains its shape after rapid coagulation in the 
deposition reservoir. This reservoir composition is deemed optimal, because it yields a 
coagulated ink filament that is elastic enough to maintain shape while spanning 
unsupported regions of the structure, yet flexible enough to maintain flow through the 
 82
deposition nozzle and adhere to the substrate and underlying layers.  The center-to-
center separation distance between patterned silk filaments within a given layer is 100 
μm and the overall scaffold dimensions are 2 mm x 2 mm with 2-6 layers. The build 
time for each scaffold varies from 1 to 3 min, respectively.  All structures are dried at 
~22oC and less than 35% relative humidity. After printing, the crystallized silk fibers 
have a diameter of ~4.5 μm, based on SEM analysis (S-4700 Scanning Electron 
Microscope, Hitachi Ltd., Tokyo, Japan).  
4.3.4 Structural Characterization. Scanning electron microscopy (SEM) images of 3D 
scaffolds are taken with a Hitachi S-4700 SEM.  Prior to imaging, samples are coated 
with gold/palladium for 45 s (K575 Sputter Coater, Emitech Ltd., Ashford Kent, UK).  
To prepare samples for Fourier Transform Infrared (FTIR) Spectroscopy, the 
concentrated (~29 wt%) silk fibroin ink is printed directly on double polished silicon 
using a 5 μm nozzle in a reservoir that contains 86% MeOH and 14% deionized water by 
volume. The single layer pattern consists of a 3 mm x 3mm array of silk filaments with a 
rod spacing of 20 μm.  The FTIR spectrum of the printed rods is compared to the 
spectrum from a dried film of concentrated silk fibroin that has not been exposed to 
methanol.  Measurements and analysis of the spectra are performed with a Thermo 
Nicolet Nexus 670 FT-IR (Thermo Fisher Scientific, Inc., Waltham, MA). 
 For atomic force microscopy (AFM) nanoindentation,† both direct-write and salt-
leached[16] silk scaffolds are embedded in a medium grade epoxy resin (London Resin 
Company Ltd., England) and then maintained at room temperature for 72 h to cure. 
These embedded specimens are prepared by slicing transverse and longitudinal samples 
using an ultramicrotome (RMC Scientific Corp., Tucson, AZ). There is no observed 
                                                 
† Performed by S. Ghosh, X. Wang, D.L Kaplan, Tufts University 
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damage to the sample from this procedure. A rotated, etched silicon probe (RTESP, 
Digital Instruments, Santa Barbara, CA) is used in tapping mode (Nanoscope IV, 
Dimension 3100 AFM, Digital Instruments).  The resonant frequency and force constant 
of the probe are found to be 280-361 kHz and 30-40 N/m, respectively.  The probe has a 
22° compensation, so it does not plow into the surface laterally during indentation.  To 
prepare samples for AFM, microtomed scaffold slices are attached to a flat metal disk 
with a thin layer of epoxy glue.  To prevent the epoxy glue from diffusing into the 
porous network within the scaffold and changing the mechanical properties, it is applied 
first to the metal disk and allowed to cure for 5 min (almost to completion) and then the 
scaffolds specimens are attached.  When acquiring indentation data, first the AFM is set 
to tapping mode so that the scaffold area of interest can be found.  The AFM is then 
switched to force (contact) mode such that the probe indents the selected area of the 
scaffold.  To image the indented area, the AFM is switched back to tapping mode.  The 
radial direction of the fiber is analyzed in all measurements.  The AFM nanoindentation 
data is analyzed and used to calculate the elastic moduli of the silk scaffolds.[23,24] 
4.3.5 Silk Scaffold Culture and Characterization. † 3D scaffolds are immersed in 
complete media (Dulbecco's Modification of Eagle's Medium (DMEM) 10% fetal calf 
serum, 100 mg/mL penicillin-streptomycin) to observe cell growth and differentiation in 
vitro.  Human mesenchymal stem cells (hMSCs) (50,000 cells per scaffold, passage 2-3) 
are suspended in 20 μl DMEM, and seeded onto the immersed scaffolds.  To allow 
sufficient time for cell attachment, seeded scaffolds are incubated at 37oC for 2 hr.  
Additional DMEM (10 μL) is transferred every 15 min to maintain hydrated scaffolds 
during this time.  After the initial 2 h, each well receives 1 mL of chondrogenic media, 
                                                 
† Performed by S. Ghosh, X. Wang, D.L Kaplan, Tufts University 
 84
which is DMEM supplemented with penicillin-streptomycin, 100 nM dexamethasone, 50 
mg/mL ascorbic acid-2-phosphate, insulin, transferrin, and selenious acid premix (6.25 
mg/mL bovine insulin, 6.25 mg/mL transferrin, 6.25 mg/mL selenious acid, 5.33 mg/mL 
linoleic acid, 1.25 mg/mL bovine serum albumin).  For the first 4 days, 5 ng/mL FGF-2 
and 10 ng/mL TGF-β1 are added to the media; after this time, only 10 ng/mL TGF-β1 is 
used.  The cultures are maintained for up to 3 weeks at 37oC and 5% CO2 and media is 
changed twice a week.  Standard 3D cell pellets are prepared with 50,000 hMSCs per 
well with cell binding hindered by a coating of 50 μg/mL pHEMA on the plastic culture 
plates.   
 Silk scaffolds seeded with hMSCs are removed from culture and prepared for 
SEM at intermittent times by first submerging them in a phosphate buffer solution (PBS) 
containing 2.5% glutaraldehyde for 1 h at room temp, rinsing in PBS, and then 
dehydrating them in ethanol–water mixtures of increasing alcohol content (25%, 50%, 
60%, 80%, 100%) and air dried.  The samples are then sputter-coated with gold after 
drying and viewed in a low vacuum SEM (Gemini 982, Zeiss, Oberkochen, Germany) 
with a voltage of 10 kV.  Phase-contrast microscopy and immunofluorescence are 
performed to visualize the cytoskeleton.  For these experiments, the scaffolds are seeded 
with hMSCs and cultured for up to 3 weeks.  To image the actin and vinculin filaments 
of the cytoskeleton, the cells are rinsed in PBS, fixed with 4% paraformaldehyde in PBS 
for 30 min, permeabilized with 0.1% Triton-X100, and stained with anti-vinculin−FITC 
conjugate antibody and rhodamine-conjugated phalloidin (Sigma) for 30 min at 4oC.  
Imaging is performed on a confocal laser scanning microscope (Leica DMIRE2, Leica 
Microsystems, Wetzlar, Germany).  Biochemical analysis is performed on silk scaffolds 
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and standard pellets with chondrogenic media and on silk scaffolds without 
chondrogenic media.  The scaffolds are removed from culture at each time point, rinsed 
with PBS, weighed, and then digested with proteinase K (1 mg/mL protease K in 50 
mmol/L Tris with 1 mmol/L EDTA, 1 mmol/L iodoacetamide, and 10 μg/mL pepstatin-
A) for 15 hours at 56°C.  Dimethylmethylene blue dye is added to the samples to 
measure the glucosaminoglycan (GAG) content[25] spectrophotometrically with a 
standard of chondroitin sulfate.  The GAG content is normalized to the total DNA 
content, which is quantified with a CyQUANT cell proliferation assay kit (Molecular 
Probes, Invitrogen Corporation, Carlsbad, CA) with the DNA from a calf thymus as a 
standard. 
 
4.4 RESULTS AND DISCUSSION 
4.4.1 Silk Inks.  Silk inks designed for direct-write assembly of 3D scaffolds need to 
flow smoothly through a microscale nozzle without clogging, form continuous filaments, 
retain their filamentary shape after printing, and form spanning (or self-supporting) 
features.  To achieve the desired rheological behavior, the silk solution is concentrated as 
much as possible to enable filamentary printing into an alcohol-rich reservoir. 
To determine the optimal concentration range for printing, rheological 
measurements were carried out.  Below ~19 wt% silk, the inks exhibit a pronounced 
shear thinning behavior. (Figure 4.12a)  This observation likely reflects tendency of the 
silk fibroin proteins to aggregate into compactly coiled structures at low 
concentrations.[26]  Under shear, the weak solvation of the aqueous medium allows the 
molecules to unwind into a free random coil configuration, resulting in shear thinning and 
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a high shear viscosity plateau.  By contrast, other studies have shown that silk in some 
solvents at the same concentrations exhibit Newtonian behavior, with an order of 
magnitude higher viscosity (Figure 4.13).[26]  This is likely due to the strong solvation of 
these solvents, which allows the compact coil structure to remain stable even at high 
shear rates.  In aqueous solutions above the ~19 wt% critical concentration, the silk inks 
display a Newtonian-like response with little dependence on shear rate.  We speculate 
that at higher concentrations the chains are too concentrated to reorganize into compact 
coil structures, and they remain in a free random coil configuration at all shear rates.  The 
apparent viscosity of the optimal silk fibroin ink (29-30 wt%) is ~2.9 Pa s, which is 
similar to the viscosity of synthetic polyelectrolyte complexes initially developed for 
direct-write assembly at the microscale.[27]  Hence, this ink composition is used for 
scaffold printing. 
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Figure 4.12. (a) Viscosity as a function of shear rate for silk fibroin solutions with 
varying concentrations from 5-29 wt%. (b) Shear elastic (G′) and viscous (G″) moduli as 
a function of shear rate for 29 wt% silk fibroin ink. 
 
Figure 4.13. Rheological behavior of 2 wt% regenerated Bombyx mori silk fibroin in (a) 
Ca(NO3)2-MeOH-H2O, (b) LiBr-EtOH-H2O, (c) CaCl2-EtOH-H2O, and (d) LiBr-H2O.  
Although not shown, the rheological behavior of silk in H2O was very similar to that in 
LiBr-H2O (d).[26] 
 88
 To further investigate the silk ink rheology, the shear elastic modulus (G') and 
viscous modulus (G″) are measured under oscillatory shear at 1 Hz (Figure 4.12b).  A 
plateau elastic modulus (G′) of ~1.2 Pa and a yield stress of ~13 Pa are measured for the 
29 wt% silk fibroin ink.   Under these conditions, the 29 wt% silk ink displayed a G″ that 
exceeded G′ over all shear stresses probed experimentally, indicating that the solution 
remained liquid-like. 
 During deposition, the silk ink is extruded into a methanol-rich reservoir to 
coagulate and crystallize the printed features.  It is well known that the addition of 
methanol, a poor solvent, to regenerated silk fibroin induces aggregation, by driving the 
transition from a random coil to β-sheet conformation.[16,17]  Fourier Transform 
Infrared (FTIR) Spectroscopy confirms that the printed silk fibroin transforms, as 
expected, to the β-sheet conformation. The transmittance data for a dried film of 
untreated silk and for the silk features printed by direct writing in a methanol-rich 
reservoir are shown in Figure 4.14.  For the untreated silk sample, the absorption bands 
at 1660, 1540, and 1240 cm-1 are characteristic of a random coil configuration and 
correspond to the amide I, amide II, and amide III bands, respectively.[28-30]  For the 
silk features printed in a methanol-rich reservoir, the absorption bands shift to 1624, 
1516, and 1265 cm-1, confirming the β-sheet structure.[29]  The transformation of the 
silk fibroin from a random coil to a β-sheet conformation ensures that the patterned 
features will strengthen upon deposition, allowing them to span underlying layers to 
create a 3D microperiodic scaffold. 
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Figure 4.14. Normalized FTIR transmittance spectra for an untreated silk fibroin film and 
for silk fibroin fibers deposited by direct ink writing.  The arrows indicate the absorption 
bands at 1624, 1516, and 1265 cm-1 which are characteristic of β-sheet structure. 
4.4.2 3D Silk Scaffolds and Cell Studies Using direct-write assembly, we have 
fabricated 3D square and radial architectures for tissue engineering applications.  A 
schematic of the direct-write process and representative images of the 3D patterns are 
shown in Figure 4.15a-c.  For the cell studies, we fabricated scaffolds with overall 
dimensions of 2 mm by 2 mm and 2-6 layers of 5 μm fibers with a center-to-center 
spacing of 100 μm.   The surface morphology of the printed silk filaments (Figure 4.15d) 
is rougher than for that observed for those formed from polyelectrolyte complexes,[27] 
yet smoother than electrospun silk fibers immersed in methanol.[31] 
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Figure 4.15. (a) Schematic illustration of 3D direct-write assembly of silk fibroin in 
liquid reservoir.  Representative 3D structures of (b) square lattice and (c) circular web.  
(d) Magnified image of direct-write silk fiber. 
 Nanoindentation is used to determine the mechanical properties of dried silk 
fibroin scaffolds from the load-displacement curves (Figure 4.16).[23,24]  The printed 
silk filaments  have an elastic modulus of 5.64±1.36 GPa, which is nine orders of 
magnitude higher than that of the original ink.  This value is comparable to the elastic 
modulus of silk scaffolds fabricated by salt-leaching (8.44±1.37 GPa), a common 
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scaffold fabrication method.[16]  We suspect that this small difference is due to the 
variations in structural architecture and β-sheet domain formation.   
 
Figure 4.16. Loading and unloading curves of salt-leached and direct ink write silk 
scaffolds measured by AFM nanoindentation. The curves have been averaged over 6 
measurements. 
 To investigate cell viability on the 3D silk scaffolds, they were seeded with 
human mesenchymal stem cells (hMSCs) and cultured in chondrogenic media.  The 
results from actin and vinculin staining at multiple time points are shown in Figure 4.17.  
These two proteins are important indicators of cell growth; actin microfiliments are the 
primary structural element and vinculin indicates cell adhesion and spreading.[32]  After 
1 day, the cells on the 3D silk scaffolds exhibit a spread morphology.  After 2-3 weeks, 
cell aggregates are present throughout the scaffolds and short punctate actin staining is 
present in the cytoplasm and at the cortex of cells, indicative of differentiation of these 
cells to chondrocytes.[32-34] 
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Figure 4.17. Morphological modulation of human bone marrow derived stem cells seeded 
on direct-write scaffolds with chondrogenic differentiation. Images show gradual overall 
change of cell morphology from spread to aggregated from Day 1 to Day 21.  
Immunofluorescent staining shows cytoskeletal proteins actin, vinculin, and an overlay of 
actin and vinculin. 
 To confirm differentiation, the production of glucosaminoglycan (GAG, a 
glycosaminoglycan in which all of the constituent sugar amines are glucosamines), the 
primary component of cartilage tissue ECM, is measured using dimethylmethylene blue 
(DMMB).  The GAG production of a 3D silk scaffold is compared to a control scaffold 
without chondrogenic factors and a standard chondrogenic pellet (Figure 4.18).[35]  
After 2 weeks, the GAG production of the 3D silk scaffold with chondrogenic factors is 
significantly higher than the two control samples, demonstrating the potential of this 
approach for cartilage regeneration. 
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Figure 4.18. Plot of glucosaminoglycan (GAG) accumulation normalized to DNA as a 
function of time for a silk fibroin direct write scaffold and a cell pellet standard in the 
presence of chondrogenic soluble factors and a silk fibroin direct-write scaffold without 
chondrogenic media. 
 
4.5 CONCLUSIONS 
One important goal for tissue engineering is to produce patient-specific 
biological tissue substitutes that will match a specific defect. To repair large or complex 
tissue defects, custom-designed constructs with geometries fit to the specific defect site 
are desirable to improve integration. Our results provide an initial step toward the 
realization of micro-architectured designs based on 3D silk fibroin scaffolds that support 
the generation of 3D cartilaginous tissues. The behavior of hMSCs, as related to 
chondrogenic differentiation, demonstrated phenotypic outcomes supportive of their 
utility for this tissue type.  Further, actin immunostaining showed changes from spread 
to punctuated morphology, indicative of temporal development of cartilaginous-like 
tissue. The amount of GAG normalized to DNA content increased with time of culture, 
providing further evidence of their utility of these protein scaffolds for tissue-specific 
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outcomes.  The development of controlled 3D architectures has potential to help in the 
fundamental understanding of the role of scaffold structure on tissue development and 
remodelling, as well as the formation of multi-cellular aggregates for the complex 
microenvironments of targeted tissue. Relative to other methods for preparing 3D 
scaffolds for tissue engineering from degradable polymeric systems, our approach 
confers important benefits such as, finer filament diameter, avoidance of harsh 
processing conditions of temperature or toxic organic solvents, and the ability to 
precisely control complex architectures.  Direct-write assembly offers a new avenue for 
creating biomaterial scaffolding required for human disease models, complex tissue 
interfaces and tissue gradients. 
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CHAPTER 5 
DIRECT-WRITE ASSEMBLY OF 3D HYDROXYAPATITE–SILK 
SCAFFOLDS FOR BONE TISSUE ENGINEERING 
 
 
5.1 INTRODUCTION 
 In this chapter, the fabrication, characterization, and culture of 3D microperiodic 
hydroxyapatite-silk scaffolds are investigated for bone tissue engineering.  The direct-
write scaffolds are fabricated in a gradient pattern with a pore spacing that increases from 
200 μm to 750 μm in increments of 50 μm across each scaffold layer.  The ink used to 
create these composite scaffolds is composed of hydroxyapatite particles and silk fibroin 
obtained from Bombyx mori silkworms.  The scaffolds are printed in air and subsequently 
strengthened by exposure to methanol.  Methanol drives the transition of the silk fibroin 
from random coil to β-sheet conformation; the silk acts as a “glue” that binds the particles 
together.  The rheological properties of the ink and the structural properties of the printed 
filaments are quantified.  The scaffolds are initially plated in homogenous cell cultures of 
human mesenchymal stem cells (hMSCs) derived from bone marrow and mammary 
microvascular endothelial cells (MMECs) to characterize viability.  The hMSCs and 
MMECs are then co-cultured to create a vascularized network within the developing bone 
tissue.  The effect of scaffold architecture on cell behavior is investigated. 
 
5.2 LITERATURE REVIEW 
5.2.1 Human mesenchymal stem cells and osteogenic differentiation.  In the previous 
chapter, human mesenchymal stem cells (hMSCs) were introduced.  Like chondrogenic 
differentiation, osteogenic differentiation can be induced by adding specific molecules to 
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hMSC culture.  The osteogenic pathway can be activated by the addition of β-
glycerophosphate, ascorbic acid (or ascorbic acid-2-phosphate), dexamethasone, and fetal 
bovine serum.[1]  Although bone morphogenic proteins (BMPs) have been widely 
studied for their effect on osteogenesis, species-specific differences have been shown.[2]  
When cultured with these preferred molecules, the hMSCs begin to aggregate, adopt an 
osteoblastic morphology, and increase their expression of alkaline phosphatase.[2]  They 
also begin to deposit calcium-rich mineralized extracellular matrix (ECM). 
 Tests for the differentiation to the osteogenic phenotype include alkaline 
phosphatase (APase) enzyme activity assay, von Kossa staining for mineralization, 
calcium assay, or X-ray diffraction.[3]  Differentiation is clear in Figure 5.1, where 
control hMSCs and hMSCs cultured in osteogenic media are prepared.  In the latter 
sample, the cells show high APase activity and form large mineral deposits after 16 days 
in culture.[3]  The calcium phosphate mineral phase in bone is hydroxyapatite, and this 
mineral is found in abundance in these samples, as indicated by the X-ray diffraction 
measurements on hMSCs cultured in osteogenic media (Figure 5.2). 
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Figure 5.1. Effects of osteogenic media on cell morphology.  Samples were stained by 
APase and von Kossa histochemical techniques to see alkaline phosphatase activity and 
calcium mineralization.  Unlike control samples, hMSCs cultured with osteogenic media 
show higher probability of becoming APase-positive, form nodular aggregates, and 
deposit a large amount of calcium-rich mineral.[3] 
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Figure 5.2. X-ray powder diffraction pattern on hMSCs grown in osteogenic media for 20 
days.  Peaks correspond to hydroxyapatite.[3] 
 Unlike chondrocytes, bone cells go through a number of phases during the 
osteogenic lineage (Figure 5.3).[4]  After starting the differentiation process as an 
osteogenic precursor cell, the cell eventually transforms into an osteoblast, a cell that lies 
on the surface of existing bone matrix and secretes mineral to add to the matrix.  Many of 
these cells become trapped in the matrix, which hardens into calcified bone.  When this 
occurs, the cells become osteocytes, non-proliferating cells that reside in a lacuna and 
help maintain bone.  They still secrete small quantities of mineral and communicate with 
adjacent cells through tiny channels called canaliculi.[4]  This continuous forming of 
mineralized matrix happens because bone tissue is always being remodeled.  Osteoclasts, 
another type of bone cell, erode old bone matrix to make way for new matrix and new 
blood vessel organization. 
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Figure 5.3. Osteoblasts line the surface of bone and secrete new matrix material.  As they 
become embedded in the matrix, they convert to osteocytes and the matrix becomes hard 
calcified bone.[4] 
5.2.2 Bone Tissue Structure.  Bone is a composite material of organic proteins and 
hydroxyapatite crystals.  As shown in Figure 5.4, a cross-sectional image of a long bone, 
there are two main types of bone: compact (or cortical) bone and spongy (or 
trabecular/cancellous) bone. Compact bone is located in the outer region and its continual 
remodeling around a growing blood vessel leads to concentric rings of trapped 
osteocytes, resulting in the intricate patterns shown in Figure 5.5.[4]  The layers in each 
concentric circle make up osteons, which run roughly parallel to the long axis of the 
bone.  The central cavity of an osteon, the Haversian canal, allows both the blood and 
nervous system to reach into this dense region of bone.  This hierarchical structure 
consists of features length scales ranging from 1 μm to 1 mm.[5-7] 
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Figure 5.4. Schematic of the hierarchical structure of bone.[8] 
 
Figure 5.5. A transverse section through the compact region of long bone.  The outlines 
show tunnels that have been eroded by osteoclasts, filled in by osteoblasts, and now 
maintained by osteocytes.  The dark spots indicate lacunae voids where osteocytes were 
trapped.  The older bone region is being remodeled into new bone matrix.[4] 
 The organic framework is primary composed of Type I collagen.  Like Type II 
collagen discussed in the previous chapter, Type I collagen forms triple helices and these 
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molecules combine into fibrils, which are filled with small hydroxyapatite crystals.[9]  
This composite material is organized into ~1-10 μm lamellar layers of the osteons, with 
lacunar diameters on the same order of the lamellae size.[5]  The diameter of the osteons 
range from ~200-300 μm.[10]  Although osteon regions make up much of the compact 
bone, there is also lamellar bone near the outside surface that organizes into layers 150-
300 μm thick.  The dense structure of compact bone results in a porosity of only ~3-12% 
and elastic moduli of 11-17 GPa in tension/compression and ~3 GPa in shear.[11] 
 By contrast, spongy bone is a highly porous structure (50-90% porosity) of 
marrow-filled cavities and trabecular struts (see Figure 5.4), with an elastic moduli of 
~400 kPa, almost two orders of magnitude below the tensile elasticity of compact 
bone.[11]  Trabecular rods range from 50-300 μm in thickness, and enclose cavities 500-
1000 μm across.[6,7]  Spongy bone can be found in the center region enclosed by 
compact bone as well as at the ends of long bones.  Spongy bone is also remodeled 
continuously, but at a much higher rate (25% per year) than compact bone (3% per 
year).[12] 
5.2.3 Bone Tissue Engineering.  Scaffolds for bone tissue engineering should mimic 
natural bone structure to optimize osteogenesis.  However, it is difficult to make scaffolds 
that emulate the dense structures of compact bone, while also retaining the ability of cells 
and vasculature to grow throughout the matrix.  The minimum pore size necessary for 
optimal osteogenic growth and mineralization has been hotly debated.  The minimum 
pore size is generally thought to be ~100 μm, approximately five times larger than the 
size of an individual cell.[13]  However, more recent studies suggest that improved 
osteogenesis occurs at pore size greater than 300 μm, since this size allows for the growth 
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of the vasculature and higher oxygenation.[11,14-16]  There is also an upper limit on 
pore size and porosity of bone scaffolds that is determined by mechanical properties.  By 
increasing the pore size and void volume to improve osteogenesis, the strength of the 
scaffold decreases, which can detrimentally affect its load-bearing properties. 
 Although macroporosity contributes to osteogenesis, microporosity also plays an 
important role.  A higher microporosity leads to more surface area, enhancing adhesion, 
proliferation, and differentiation of anchor-dependent cells.[11]  Many studies have 
shown that increased surface roughness leads to a higher number of attached cells.[17] 
 Bone is much stiffer than cartilage, and common materials used for bone scaffolds 
reflect this.  Ceramic scaffolds are primarily based on hydroxyapatite, the mineral 
component of bone.  Hydroxyapatite particles are usually sintered at high temperatures 
during scaffold fabrication to generate a stiff material with an interconnected porosity, 
rendering the scaffold brittle.[11]  Although metals used for implants (e.g., stainless steel 
and titanium) provide excellent mechanical properties, they are not biodegradable, and 
therefore require a second surgery or lead to the risk of metal toxicity.  Natural and 
synthetic polymers, including collagen, hyaluronic acid, and poly lactic acid/glycolic 
acid, have the advantages of biodegradability, but suffer from poor mechanical strength 
and high degradation rates.  Many of these disadvantages can be overcome by composite 
scaffolds.  Examples in literature usually combine hydroxyapatite (or another calcium 
phosphate phase) for strength and bioactivity with either a natural or synthetic polymer 
for toughness. 
Regenerated silk fibroin offers an important option for meeting the desired 
strength and bioactivity required for bone scaffolds.[18-20]  An example of a silk 
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electrospun scaffold seeded with hMSCs is seen in Figure 5.6.  This scaffold, which also 
contains hydroxyapatite nanoparticles, bone morphogenic protein BMP-2, and 
polyethylene oxide, displayed higher calcium deposition compared to control samples 
without BMP-2 or hydroxyapatite particles.[21]   
 
Figure 5.6. SEM of MSCs seeded on electrospun fiber mat of silk, PEO, nanoparticle 
hydroxyapatite, and bone morphogenic protein.[21] 
Silk scaffolds are commonly fabricated by salt-leaching, and Figure 5.7 is an 
example of a pore size gradient across a salt-leached silk fibroin scaffold with pore sizes 
ranging from ~76-260 μm.[11]  This gradient scaffold could be used as a screening tool 
for investigating the effects of pore size on cell behavior.  However, the porosity is 
neither well controlled nor connected, leading to poor cell and nutrient migration.  Hence, 
there is a need for 3D scaffolds with precisely controlled architecture. 
 107
 
Figure 5.7. (a) Pore size gradient across a salt-leached scaffold made of silk fibroin. Pore 
sizes are (b) 76.3 ± 16.2 μm, (c) 100.7 ± 18.2 μm, (d) 182.0 ± 30.0 μm, (e) 221.3 ± 40.6 
μm, (f) and 260.3 ± 75.9 μm. Scalebars are (a) 10 mm and (b-f) 500 μm.[11] 
The goal of this project is to design hydroxyapatite-silk fibroin based inks for 
direct-write assembly of scaffolds to investigate the behavior of hMSCs.  After 
developing an optimal ink formulation, the rheological behavior is characterized and the 
ink is used to fabricate 3D scaffolds with a gradient design.  The structural properties of 
the scaffolds are assessed and the interactions of the scaffold with hMSCs and MMECs 
are investigated, with an emphasis on observing osteogenesis, mineral formation, and 
vascularization. 
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5.3 EXPERIMENTAL PROCEDURE  
5.3.1 Ink Preparation.  Commercially available hydroxyapatite (HA, Ca10(PO4)6(OH)2) 
particles (Lot#13310 Riedel-de Haen, Germany) are calcined at 1100°C for 10 h and ball 
milled at 15 h at 30 rpm.  The prepared particles have a diameter of ~2 um and a specific 
surface area of 3.8 m2/g, as measured by centrifugal photo-sedimentation (Capa-700, 
Horiba Instruments Inc., Irvine, CA) and nitrogen adsorption (ASAP 2400 BET, 
Micrometrics, Norcross,GA), respectively (see Figure 5.8).[22,23]  A suspension is 
prepared by first dissolving the dispersant (Darvan 821, R.T.Vanderbilt Co., 
Norwalk,CT, a 40 wt% ammonium polyacrylic acid (PAA) solution) in deionized water 
(0.57g PAA/m2 HA) and adjusting the pH to 9.0 (tuned with 25 wt% 
tetramethylammonium hydroxide (TMAH) and 1M nitric acid (HNO3)).  Approximately 
half of the HA particles are added to the solution and mixed with a magnetic stirbar.  
This suspension is then ultrasonicated (550 Sonic Dismembrator, Fisher Scientific, 
Pittsburgh, PA) for 10 min with 1 s on/off intervals and adjusted to pH 9.0.  The 
remaining HA particles are added to the suspension, which is again ultrasonicated for 10 
min and adjusted to pH 9.0.  The suspension is then mixed with a magnetic stirbar for 12 
h.  The suspension is filtered (20 μm nylon net filter NY2002500, Millipore, Billerica, 
MA) and centrifuged (Avanti J-25-I, Beckman Coulter, Brea, CA) at 2000 rpm for 1 hr 
to concentrate it to nominally 40-45 vol% HA.   
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Figure 5.8. SEM image of HA particles. 
 To induce flocculation, 10 wt% polyethylene imine (PEI, pH adjusted to 9.0, 600 
g/mol branched, Polysciences, Inc., Warrington, PA) is added at a charge ratio of 0.5 
[NHx]:[COO-] to the suspension, which is then mixed with a Thinky planetary centrifugal 
mixer (ARE-250, Thinky, Tokyo, Japan) at 2000 rpm for 3 min.  The amounts of PAA 
and PEI used to stabilize and flocculate the suspension were determined previously by 
rheological experiments (see Figure 5.9).[22]  
 
Figure 5.9. (a) Viscosity as a function of shear stress of HA particles for varying amounts 
of PAA coverage. (b) Shear elastic modulus as a function of [NHx]/[COO-] charge ratio 
for PAA-stabilized HA suspensions flocculated with PEI.  ϕHA = 0.45. [22,24] 
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Cocoons of Bombyx mori silkworm silk (Tajima Shoji Co., Ltd., Yokohama, 
Japan) are first boiled for 30 min in an aqueous solution of 0.02 M Na2CO3, and then 
rinsed thoroughly with distilled water to extract the glue-like sericin proteins.  The 
extracted fibroin is dissolved in 9.3M LiBr solution at 60°C for 4 h, yielding a 20 wt% 
aqueous solution. This solution is dialyzed against distilled water using Slide-a-Lyzer 
dialysis cassettes (MWCO 3,500, Thermo Scientific Pierce Protein Research Products, 
Rockford, IL) at room temperature for 3 days to remove the salt. The dialysate is 
centrifuged twice, each at -5°C to 10°C for 20 min, to remove impurities and aggregates. 
The polymer solution obtained from this part of the process contains approximately 7.5-
8.0 wt% silk fibroin.  This solution is then diluted with pH 9.0 deionized water to a 
concentration of 3.89 wt% and then ~9 mL is dialyzed against a 15 wt% poly(ethylene 
glycol) (PEG) (8,000 g/mol, Sigma Aldrich, St. Louis, MO) solution at room temperature 
with Slide-a-Lyzer dialysis cassettes (MWCO 3,500). The volume ratio of PEG solution 
to silk fibroin solution is 40:1.  After 14 h, the concentrated silk fibroin solution (~25-30 
wt%) is slowly removed by a syringe to avoid excessive shearing. 
The ~40-45 vol% HA suspension is combined with the concentrated silk solution 
so that the HA:silk weight ratio is 9:1.  This composite suspension is mixed in the Thinky 
mixer twice for 3 min each at 2000 rpm.  The suspension is then dialyzed in the PEG 
solution for 50-70 min and removed by cutting open the dialysis cassettes.  After dialysis, 
the final suspension is again mixed three times in the Thinky mixer at 2000 rpm for 3 
min, with the last mixing followed by a 3 min defoaming step at 2000 rpm.  This process 
yields the HA-silk ink at a final concentration of ~50 vol% (HA + silk). 
 111
5.3.2 Ink Characterization.  Rheological properties are determined using a controlled 
stress rheometer (Bohlin CVO Rheometer, Malvern Instruments Ltd., Worcestershire, 
UK) fitted with a cup and bob (coaxial cylinder) geometry (C8, bob diameter 8 mm).  
Apparent viscosity is measured as a function of shear rate and measurements are carried 
out in a logarithmically ascending series of discrete steps. The elastic shear (G′) and 
viscous (G″) moduli are measured using an oscillatory logarithmic shear stress sweep at 
a frequency of 1 Hz.  Measurements are carried out at 22°C using a water solvent trap to 
mitigate drying effects. 
5.3.3 3D Scaffold Fabrication.  3D scaffolds are fabricated using a 3-axis 
micropositioning stage (ABL9000, Aerotech Inc., Pittsburgh, PA) controlled by 
customized software (3D Inks, Stillwater, OK).  The ink is housed in a syringe (barrel 
diameter = 4.6 mm, EFD Inc., East Providence, RI) that is mounted on the x-y-z stage.  
The ink is extruded through a stainless steel 200 μm nozzle (EFD Inc.) onto a stationary 
glass substrate (15 mm diameter, #2 thickness, Electron Microscopy Sciences, Hatfield, 
PA).  The inks are extruded under an applied pressure (800 Ultra dispensing system, EFD 
Inc.) (275-350 kPa) at a constant deposition speed (2 mm s-1).  After patterning the initial 
layer, the nozzle is incrementally raised in the z-direction to generate the next layer.  In 
each subsequent layer, an array of parallel filaments is printed such that their orientation 
is orthogonal to the layers immediately above and below.  This process is repeated until 
the desired 3D structure is assembled. 
 Gradient patterns are produced by increasing the distance between filaments 
from 200 μm to 750 μm in increments of 50 μm across each layer.  The scaffolds are 
printed with 8 layers and overall dimensions of approximately 8 mm x 8 mm.  The 
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scaffolds are printed with ~75% compression between layers to increase adhesion, 
yielding a final scaffold height of ~1.2 mm. 
 After printing is complete, the scaffolds are placed in a closed container with 
methanol (MeOH, Sigma Aldrich) vapor for ~10 min.  Increasing concentrations of 
80%, 85%, 90%, and 100% MeOH/MeOH + water (by volume) solutions are added to 
the scaffolds for ~10 min each and allowed to mostly evaporate before the next solution 
is added.  The scaffold is then placed in another closed container with 80% 
MeOH/MeOH + water soaked into a paper wipe to allow for slow evaporation and avoid 
cracking. 
5.3.4 Structural Characterization.  Scanning electron microscopy (SEM) images of 3D 
scaffolds are taken with a JSM-6060LV SEM (JEOL Ltd., Tokyo, Japan).  Prior to 
imaging, samples are coated with gold/palladium (K575 Sputter Coater, Emitech Ltd., 
Ashford Kent, UK). 
To prepare HA-silk filaments for dynamical mechanical analysis (DMA, RSA III, 
TA Instruments-Waters LLC, New Castle, DE), the prepared ink is extruded directly into 
80% MeOH/MeOH + water solutions.  The strengthened cylindrical filaments (200 μm in 
diameter) are removed, cut into 15-20 mm lengths, and mounted into the DMA fiber 
compression/tension fixture with a 10 mm gap.  Dynamic mechanical data are recorded 
under a ~3-4 g load and 0.1% strain at constant temperature (22.5±0.5°C) at a frequency 
of 1 Hz.  DMA is also used to determine the effect of solvent evaporation on the 
rheological evolution of the printed ink features by loading fibers immediately after 
removal from a methanol-rich reservoir and measuring mechanical properties for ~5 min, 
until a plateau modulus is obtained. 
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The surface roughness of printed features is measured with atomic force 
microscopy (MFP-3D, Asylum Research, Santa Barbara, CA). To prepare samples for 
AFM imaging, HA-silk scaffolds are printed on glass coverslips and attached to standard 
microscope slides.  A silicon tip (Tap300Al-G, Budget Probes, Sofia, Bulgaria) is 
mounted on the AFM head unit.  After autotuning the tip, it is lowered directly onto an 
individual HA-silk filament.  Imaging is taken in tapping mode over a 20 μm by 20 μm 
scan with a pixel resolution of 256 x 256 and a line speed of 1 Hz.  The root mean square 
(rms) roughness is averaged over five measurements. 
5.3.5 Cell Culture.†  Human bone marrow-derived mesenchymal stem cells (hMSCs) are 
isolated from fresh whole bone marrow aspirates from consented donors of at least 20 
years of age (Lonza, Walkersville,MD), and expanded in growth medium (GM) 
containing 90% Dulbecco's Modified Eagle Medium (DMEM), 10% fetal bovine serum 
(FBS), 0.1 mM non-essential amino acids, 100 U/mL penicillin, 1000 U/mL 
streptomycin, 0.2% fungizone antimycotic and 1 ng/mL basic fibroblast growth factor 
(bFGF).   When the culture reaches 85% confluency, cells are passed with trypsin 
(0.25%) /1mM ethylenediamine-tetraacetic acid (EDTA).   All experiments are 
performed with cells less than six passages.  Mammary microvascular endothelial cells 
(MMECs) are purchased commercially (Lonza) and expanded in endothelial cell-
conditioned medium (ECM) (Sciencell, Carlsbad, CA) to reach a 90% confluency before 
use.  Both hMSCs and MMECs cultures are maintained at 37°C in an incubator with 95% 
air and 5% CO2, and medium is changed twice a week. 
Scaffolds are first seeded with homogenous cultures of hMSCs and MMECs to 
test for viability.  hMSCs are cultured for two weeks and MMECs are cultured for one 
                                                 
† Performed by L. Sun, D. L. Kaplan, Tufts University 
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week before performing live/dead staining. For co-culture experiments, three distinct 
groups of scaffolds are used.   Group 1: 1x106 hMSCs suspended in 40 μl of osteogenesis 
medium (OGM) are seeded in scaffolds drop wise, and osteogenesis is induced in OGM 
for up to 5 weeks. After osteogenesis, 1.5x106 MMECs are seeded on top of the bone-like 
graft, and the whole construct is maintained in ECM for another week.  Group 2: 1.5x106 
MMECs suspended in 40 μl of ECM are seeded in scaffolds and cultured in ECM for 1 
week. After that time, 1x106 hMSCs are seeded on top of the vascular-like structure 
formed within scaffold, and cultured for up to 5 weeks in a combination medium of ECM 
and OGM in a ratio of 2:1.  Group 3: Scaffolds are pre-coated with 50 μg/ml type I 
collagen in 50 μl media.  1x106 hMSCs and 1.5x106 MMECs are suspended in 40 μl of 
ECM and then seeded into scaffolds simultaneously.  Scaffolds are maintained in a 
combination medium of ECM and OGM in a ratio of 2:1. 
After 11 days in culture, some scaffolds are washed with phosphate buffer 
solution (PBS) three times and then fixed with 70% ethanol.   Immunohistology staining 
is performed with a routine procedure, briefly, samples are blocked with bovine serum 
albumin (BSA) solution, followed by primary antibody of CD31 incubation overnight in 
4°C, and then tetramethyl rhodamine isothiocyanate (TRITC) labeled secondary 
antibodies are added.  Images are taken by confocal microscope (Leica, Wetzlar, 
Germany).  
 
5.4 RESULTS AND DISCUSSION 
5.4.1 Hydroxyapatite-Silk Inks.  The HA-silk ink is created by mixing an HA gel (~40-
45 vol%) with an aqueous solution of silk fibroin protein with a HA:silk ratio of 9:1.  
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The rheological properties of these two constituents, along with that of the final HA-silk 
ink are shown in Figure 5.10.  The silk solution has a viscosity of ~5-6 Pa·s with little 
dependence on shear rate (see Figure 5.10a).  By contrast, the HA gel (~40 vol% solids) 
displays strong shear thinning behavior; i.e., its apparent viscosity decreases by two 
orders of magnitude over the shear rate range probed.  The shear elastic (G′) and viscous 
(G″) moduli, measured at 1 Hz, confirm the silk’s solution liquid-like state, as G′<G″ 
over the experimental range with G′~15 Pa (see b).  The HA gel has a viscoelastic 
response with G′>G″ for low shear stresses with a plateau G′ modulus of 880 Pa and a 
yield stress of 0.8 Pa.  
 
Figure 5.10. (a) Apparent viscosity as a function of shear rate for HA-silk ink (50 vol% 
HA+silk 9:1 HA:silk weight ratio), 40 vol% HA suspension, and 26-29 wt% silk 
solution. (b) Elastic (G') and viscous (G") moduli of same materials measured in 
oscillation at a frequency of 1 Hz. 
After the two constituents are combined, the suspension is mixed and dialyzed to 
achieve a final solids loading of ~50 vol% (HA+silk).  With a 9:1 HA:silk weight ratio, 
this suspension has ~39 vol% HA and ~11 vol% silk, nominally the same as the 40 vol% 
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HA gel measured in Figure 5.10.  While the viscosity of the final ink is an order of 
magnitude higher than the pure HA gel (see Figure 5.10a), it exhibits similar shear 
thinning behavior, allowing it to flow through a 200 μm nozzle during direct-write 
assembly. 
The shear rate at the nozzle walls can be estimated by:[25]  
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where b = inverse of the power law index n, Q = volumetric flow rate = νπR2, ν = print 
speed, and R = nozzle radius.  The power law exponent n can be obtained from viscosity 
measurements:  
1−= nmγη &  
where m is a fitting parameter.  Using these equations and the data in Figure 5.10a, n ~ 
0.37, b ~ 2.7 and the shear rate applied at the nozzle walls during direct-write assembly 
is calculated to be wallγ& ~ 114 s-1.  At this shear rate, the ink viscosity is ~20 Pa·s, a 
dramatic decrease from its viscosity of 8x103 Pa·s at a shear rate of 10-2 s-1. 
Similarly, the elastic modulus of the HA-silk ink (44 kPa) is over an order of 
magnitude higher than that of the HA gel (0.88 kPa), as shown in Figure 5.10b, even 
though their HA volume fractions are approximately equal.  Thus, the silk fibroin 
enhances the ink stiffness considerably.  This high elasticity helps the ink to maintain its 
filamentary shape during the printing process. 
5.4.2 3D Silk-Hydroxyapatite Scaffolds.  3D HA-silk scaffolds are printed by direct-
write assembly with a gradient pattern that contains an interconnected porous network.  
A gradient design is employed so that seeded cells can respond to an array of porous 
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features, similar to those found in long bone.  In these experiments, the pore spacing is 
increased from 200 μm to 750 μm in increments of 50 μm across each layer, leading to a 
porosity gradient that increases locally from ~48 to ~78% by volume (see Figure 5.11).  
After printing, the scaffolds are immersed in methanol-rich solution so that the silk 
proteins transform to β-sheet conformation, strengthening the scaffold filaments.  An 
SEM image of a dried HA-silk gradient scaffold can be seen in Figure 5.12a.  The 
magnified image in Figure 5.12b highlights the individual HA-silk filaments.  Further 
magnification of a single rod (Figure 5.12c) reveals the individual HA particles and the 
silk proteins that bind them together.  As expected, the organic/inorganic composite 
consists of HA particles coated by silk fibroin.  With a 9:1 HA: silk weight ratio, this 
composite is ~78 vol% HA and ~22 vol% silk.  The surface roughness of the HA-silk 
filaments is quantified by atomic force microscopy (AFM) (Figure 5.12d), which reveals 
that height differences of ~2.5 μm, approximately the HA particle diameter, are observed 
across the scanned region, yielding a root mean square (rms) roughness of 467 ± 61 nm. 
 
Figure 5.11. Optical image of HA-silk gradient scaffold.  Scaffold dimensions are 
approximately 8 x 8 mm. 
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Figure 5.12. (a) SEM image of gradient HA-silk scaffold.  (b) Magnified view of scaffold 
reveals silk proteins aid in bonding between perpendicular layers.  (c) Magnified view of 
an individual rod shows HA particles trapped in silk matrix.  (d) AFM measurement of 
height profile on a HA-silk rod. 
 Although as-printed HA-silk scaffolds possess sufficient elasticity to maintain 
their structure, it is necessary to further strengthen them for cell culture experiments.  To 
probe the stiffness of the HA-silk filaments, dynamic mechanical analysis (DMA) 
measurements are taken on individual filaments printed into a methanol-rich reservoir.  
Using a fiber compression/tension DMA fixture, dried HA-silk filaments yield an elastic 
modulus of 284 ± 11 MPa, four orders of magnitude above that of the prepared ink.  This 
value is somewhat close to the elastic modulus of methanol-treated electrospun silk-PEO 
blends (1.3 GPa).[18] 
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The filaments are fairly flexible while immersed in methanol-rich solution and 
become brittle as they dry.  This increase in mechanical properties can also be probed 
with DMA measurements.  A filament that was immersed in a methanol-rich reservoir is 
immediately loaded into the fiber fixture and measured over a 5 min period (Figure 5.13).  
During this time, the elastic modulus of the HA-silk filament increases over two orders of 
magnitude, from a flexible fiber at 5.0 MPa to a brittle rod at a modulus of 284 MPa.  
Simultaneously, tan δ, the ratio of the storage modulus to the elastic modulus (E″/E′), 
decreases considerably, indicating a dramatic change in material properties.  This process 
is reversible, such that a dried fiber immersed in the methanol-rich solution will regain its 
flexibility.  This reversible process allows for scaffolds that can be curled or manipulated 
into more complex shapes (see Figure 5.14).[26] 
 
Figure 5.13. Dynamic mechanical analysis measurements of rheological evolution during 
solvent evaporation from 200 μm diameter HA-silk printed filament removed from 
methanol-rich reservoir. 
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Figure 5.14. Optical image demonstrating the flexibility of a printed HA-silk scaffold 
immediately after removal from methanol-rich reservoir. 
5.4.3 Initial Cell Viability on Scaffolds.  Since bone is a vascularized tissue, it is 
important to co-culture bone cells along with vascular endothelial cells.  Before starting 
co-cultures on HA-silk gradient scaffolds, cell viability is first determined with 
homogeneous cell cultures. Live/dead staining images of both hMSCs and MMECs 
(mammary microvascular endothelial cells) cultured on HA-silk scaffolds are shown in 
Figure 5.15.  The HA-silk scaffolds supported both cell types and the endothelial cells 
began to form microvascular networks across scaffold pores (see Figure 5.15c).   
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Figure 5.15. Live/dead staining of (a-b) human mesenchymal stem cells and (c-d) 
mammary microvascular endothelial cells cultured on HA-silk scaffolds.  Live cells are 
stained green and dead cells are stained red.  The images in (a-b) are taken from below 
the scaffold and the images in (c-d) are taken from above the scaffold. 
 The hMSCs and MMECs are co-cultured on HA-silk gradient scaffolds into three 
groups.  In Group 1, the hMSCs are cultured for 5 weeks before the addition of MMECs.  
In Group 2, MMECs are cultured for 1 week before the addition of hMSCs.  In Group 3, 
hMSCs and MMECs are co-cultured simultaneously.  Some scaffolds are optically 
imaged after 11 days.  In Group 2, the MMECs show bridging across scaffolds, similar to 
the control samples.  However, at this time point, the hMSCs are only integrated for 4 
days, and there is no obvious interaction between hMSCs and MMECs. 
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 Although hMSCs and MMECs are co-cultured together in Group 3, MMECs are 
able to form vascular networks across all pore sizes, as shown in Figure 5.16.  MMECs 
exhibit unique behavior in pores of ~400 μm, where they take on a cross-like structure, 
branching perpendicularly between the adjacent scaffold rods (see Figure 5.16c).  This 
behavior can be seen more clearly in Figure 5.17, where the samples have been stained 
with endothelial marker CD31, confirming that the vascular structure is formed by the 
MMECs.  This work is still ongoing. 
 
Figure 5.16. Optical images of hMSCs and MMECs co-cultured for 11 days (Group 3) on 
HA-silk gradient scaffolds.  Images taken at regions of scaffolds where pores are 
approximately (a) 750 μm, (b) 600 μm, (c) 400 μm, and (d) 200 μm.  Arrows in (c) 
indicate pores where MMECs exhibit a cross-like structure. 
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Figure 5.17. (a) Fluorecent and (b) optical images of hMSCs and MMECs on HA-silk 
scaffolds where pore size is approximately 400 μm.  Fluorescent staining in (a) is 
endothelial marker CD31, confirming that the cross-like structures are the MMECs. 
 
5.5 CONCLUSIONS 
 Our results demonstrate that the direct-write process has the flexibility to be 
applied to a wide range of length scales.  Here, composite 3D microperiodic 
hydroxyapatite-silk scaffolds are fabricated for bone tissue engineering by using silk 
fibroin as a “glue” that binds HA particles together.  The scaffolds can support both 
hMSCs and MMECs and promote the differentiation of hMSCs in osteogenic media.  
These scaffolds have been fabricated with a gradient pattern, which can be used as a 
screening tool to investigate cell behavior and interaction with the scaffold at different 
pore sizes.  This work provides a novel avenue for solidification of direct-write scaffolds 
and can be applied to other types of particles and biopolymer systems. 
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CHAPTER 6 
CONCLUSIONS 
 
 By controlling the rheological and solidification behavior, we designed three 
distinct inks for direct-write assembly of 3D microperiodic scaffolds for tissue 
engineering: (1) poly(2-hydroxyethyl methacrylate), (2) silk fibroin, and (3) 
hydroxyapatite-silk inks.  Using this technique, 3D scaffolds can be fabricated with 
features ranging from 1 μm to 1 mm for a wide variety of tissue applications that offer 
potential control over cell location, alignment, and orientation.  The key findings of my 
PhD thesis are summarized below. 
(1) pHEMA inks and scaffolds: 
(i) The optimal poly(2-hydroxyethyl methacrylate) (pHEMA) ink composition is 
35 wt% pHEMA with a 5:2 weight ratio of 300k:1M g/mol in a 
photopolymerizable solution consisting of monomer, comonomer, 
photoinitiator, and water.  The physically entangled pHEMA chains yield a 
viscoelastic ink that flows through 1-10 μm nozzles, yet maintains its 
filamentary shape upon printing. 
(ii) Upon UV exposure, the pHEMA ink forms an interpenetrating physical and 
chemical gel network.  Rheological measurements revealed that the final G′ of 
the cured hydrogel ink is independent of polymer concentration, but depends 
strongly on monomer and comonomer concentrations, indicating the dominant 
contribution of the chemical gel network to the mechanical properties.  By 
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varying these constituents, the G′ of the cured hydrogel ink was tailored from 
4 to 670 kPa. 
(iii) 3D pHEMA scaffolds fabricated by direct-write assembly supported primary 
neuronal cells, and cell distribution and neuronal process alignment were 
shown to depend on scaffold architecture. 
(2) Silk fibroin inks and scaffolds: 
(i) The optimal composition for direct-write assembly is ~28-30 wt% silk fibroin 
aqueous solution.  This ink solidifies upon printing into a methanol-rich 
reservoir. 
(ii) 3D silk scaffolds fabricated by direct-write assembly supported human 
mesenchymal stem cells (hMSCs), which exhibit improved chondrogenic 
differentiation compared to those cultured on control samples.  Fourier 
transform infrared spectroscopy demonstrates that the silk fibroin ink, 
regenerated from Bombyx mori silkworm cocoons, undergoes a random coil to 
β-sheet transition upon printing into a methanol-rich reservoir. These 3D silk 
scaffolds supported the growth and proliferation of hMSCs and their 
differentiation in chondrogenic media.  The silk scaffolds also demonstrated 
greater glucosaminoglycan production than a pellet control sample, indicating 
the potential of this approach for cartilage regeneration. 
(3) Hydroxyapatite-silk ink and scaffolds: 
(i) The optimal composition of direct-write hydroxyapatite (HA) -silk inks is ~50 
vol% HA particles + silk with a 9:1 HA:silk weight ratio.  This composition 
has sufficient elasticity to print in air without a coagulating reservoir.  Silk 
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fibroin contributes significantly to the rheological properties of the HA gel, 
increasing both the viscosity and shear elastic modulus by an order of 
magnitude.  After immersion in methanol and conversion of the silk fibroin to 
β-sheet conformation, the HA-silk filaments were strengthened to 284 MPa, a 
significant increase over the shear elastic modulus of the ink, 44 kPa. 
(ii) hMSCs and mammary microvascular endothelial cells (MMECs) cocultured 
on gradient HA-silk scaffolds demonstrated excellent viability and the 
MMECs form intricate microvascular networks.  The gradient scaffolds were 
designed with pores that increase from 200 μm to 750 μm laterally to mimic 
the length scales found in long bone.  On pore sizes of ~400 μm, the MMECs 
formed cross-like structures, which branch perpendicularly across adjacent 
rods. 
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APPENDIX A 
PRINTED SILK WAVEGUIDES 
 
A.1 INTRODUCTION 
 In this section, the fabrication and characterization of silk waveguides are 
investigated.  Optical waveguides are printed by direct-write assembly and their losses 
are measured as a function of geometry and dopant addition. 
 
A.2 BACKGROUND 
The necessity for optical interfaces for biomedical applications is driving demand 
for the development of biocompatible photonic components.  Biophotonic components 
are essential for several applications, including sensors,[1,2] imaging,[3-6] BioMEMS 
devices,[7] and therapeutics.[8]  Silk fibroin in film form has been recently identified as a 
suitable biopolymer for the development of optical devices.[9,10]  Biocompatible silk 
fibroin offers promise as an optical biomaterial based on a number of important physical 
properties.[11]  In particular, silks are the strongest and toughest natural fibers known 
and regenerated silk fibroin from the Bombyx mori silkworm are easily formed into a 
variety of platforms including hydrogels,[12] films,[13,14] controlled release 
coatings,[15] 3D scaffolds,[16] and fibers with controllable diameters.[17]  Notably, silk 
fibroin has also been used to fabricate biocompatible and biodegradable microfluidic 
devices that can be used as biosensors or other BioMEMS devices.[18]  
Silk is found to be especially well suited to optical applications in the form of free 
standing films with thicknesses between 20 and 100 μm. Such films are ideal for optical 
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devices, because they are mechanically robust, smooth (<5 nm rms roughness), and are 
highly transparent (>95%) across the visible region of the spectrum.  They can be 
patterned with transverse features of the order of a few tens of nanometers using soft 
lithography techniques (see Figure A.1).[9,10]  Additionally, silk fibroin protein can be  
functionalized biochemically due to the benign processing used during film formation, 
which confers added versatility to these devices. 
 
Figure A.1. Different silk optical elements. The image shows the realization of (a) a silk 
lens and (b) a 12 × 12 silk lens array. (c) Schematic showing the approach to generate 
images (d) and (e) where different projected patterns are obtained from propagation of a 
white light laser source through 2D, 64 phase level diffraction patterns. The images are 
taken in the far field at a distance of 10 cm from the silk optical element.[9] 
 Although 2D and 3D optical elements based on silk films, including diffractive 
patterns, holograms, lenses and optical gratings have been demonstrated,[9,10] other 
optical components remain unexplored.  Optical waveguides are of specific interest, 
because of their ability to manipulate and transport light in a controlled manner. In many 
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biomedical applications, these functional elements must interface directly with living 
cells, requiring the waveguide material to be biocompatible.  For a biophotonic 
implantable device, it may be further required that the components be biodegradable.  
Hence, the use of a biocompatible and biodegradable polymer to guide light would yield 
new opportunities for biologically based modulation and sensing, with potential for 
biomedical utility as well as environmental compatibility.[11,19] 
Simple polymeric planar and channel waveguides are usually produced by 
complicated microfabrication, lithography, or lamination techniques.[20]  An example of 
one of these approaches is shown in Figure A.2, where channel waveguides are 
fabricated.[21]  These processes involve the use of harsh chemicals, salts, UV exposure, 
high temperature, or high pressure, all which can be detrimental to biological 
components.  For the fabrication of optical waveguides from biological molecules, a 
more benign approach is needed. 
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Figure A.2. Diagram describing the technique to bleach phloxine B by electrical 
microcontact printing to form optical waveguides. The unbleached regions (dark) are the 
waveguides and the bleached regions (light) are the cladding for the guides.[21] 
Direct ink writing is a simple, flexible, and inexpensive technique that is 
simultaneously a benign process.  In this approach, a viscous ink is extruded from a fine 
deposition nozzle under an applied pressure. The inks are designed to flow readily 
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through the nozzle without clogging, yet undergo rapid solidification upon exiting the 
nozzle to retain its filamentary shape.  Using direct-write assembly, the fabrication of 
simple and complex 3D structures has been demonstrated with a variety of materials, 
including polymeric,[22] sol-gel,[23] and colloidal inks.[24] This approach can be readily 
extended to fabricate silk fibers into programmable patterns for applications such as 
optical waveguides. 
The aim of this research is to fabricate optical silk waveguides by direct-write 
assembly with both straight and curvy features.  The optical properties of these silk 
waveguides are measured.  The addition of dopants to these waveguides is also 
investigated. 
 
A.3 EXPERIMENTAL PROCEDURE  
A.3.1 Silk Ink Preparation. Inks composed of 28-30 wt% aqueous silk fibroin solution 
are prepared by a multi-step process.[25-27] Cocoons of B. mori silkworm silk (Tajima 
Shoji Co., Ltd., Yokohama, Japan) are first boiled for 30 min in an aqueous solution of 
0.02 M Na2CO3, and then rinsed thoroughly with distilled water to extract the glue-like 
sericin proteins.  The extracted fibroin is dissolved in 9.3M LiBr solution at 60°C for 4 
h, yielding a 20 wt% aqueous solution. This solution is dialyzed against distilled water 
using Slide-a-Lyzer dialysis cassettes (MWCO 3,500, Pierce) at room temperature for 3 
days to remove the salt. The dialysate is centrifuged twice, each at -5°C to 10°C for 20 
min, to remove impurities and aggregates. The polymer solution obtained from this part 
of the process contains approximately 8 wt% silk fibroin.† 
                                                 
† Performed by S. Ghosh, X. Wang, D.L. Kaplan, Tufts University. 
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 This solution (8 wt% silk fibroin, 9 mL) is then dialyzed against a 15 wt% 
poly(ethylene glycol) (PEG) (8,000 g/mol, Sigma Aldrich) solution at room temperature 
with Slide-a-Lyzer dialysis cassettes (MWCO 3,500). The volume ratio of PEG solution 
to silk fibroin solution is 40:1.  After approximately 14 h, the concentrated silk fibroin 
solution (28-30 wt%) is slowly removed by a syringe to avoid excessive shearing.  The 
solutions are stored at 4°C and the concentrated inks are used within 7 days to minimize 
gelation. 
A.3.2 Silk Waveguide Fabrication. Silk waveguides are formed with micron-sized 
features using a 3-axis micropositioning stage (ABL9000, Aerotech Inc., Pittsburgh, PA) 
controlled by customized software (3D Inks, Stillwater, OK). The concentrated silk 
fibroin solution is housed in a syringe (barrel diameter = 4.6 mm, EFD Inc., East 
Providence, RI) that is mounted on the x-y-z stage. The silk fibroin ink is extruded 
through a 5 μm tapered micro-capillary nozzle that was pulled from a borosilicate glass 
tube (1.0 mm outer diameter and 0.58 mm inner diameter) using a P-2000 Laser Based 
Micropipette Puller (Sutter Instrument, Novato, CA) onto a stationary glass substrate. 
The silk ink is deposited under an applied pressure (800 Ultra dispensing system, EFD 
Inc.) of 20-70 kPa at a constant deposition speed of 2 mm s-1 into a coagulation reservoir 
(~200 μl) that consists of a methanol/(methanol + water) ratio of 0.86. As the ink exits 
the nozzle, a continuous rod-like filament forms that retains its cylindrical shape after 
rapid coagulation in the deposition reservoir. All printed features are dried at ~22oC and 
less than 35% relative humidity.  A schematic of this direct-write approach for patterning 
silk optical waveguides is shown in Figure A.3a. 
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Figure A.3. (a) Schematic of direct-write assembly of silk waveguides in both straight 
and curvy patterns, in which a concentrated silk fibroin ink is extruded through a 
micronozzle into a methanol-rich coagulation reservoir. (b) Schematic of the setup used 
to image and analyze the transverse face of the silk waveguides. Note, the position of the 
optical condenser is adjustable for optimal coupling of light inside the silk waveguide.  
Silk waveguides of arbitrary geometry can be patterned by this approach. For 
these experiments, straight and wavy features are printed on glass substrates to 
investigate the optical quality of the printed silk filaments and their ability to guide light. 
We note that more complex 2D and 3D geometries can be obtained with this method.[16]  
A.3.3 Waveguide Characterization. The structure of the printed silk waveguides is 
analyzed by optical (Olympus IX-71, Tokyo, Japan) and scanning electron microscopy 
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(SEM) (S-4700 Scanning Electron Microscope, Hitachi Ltd., Tokyo, Japan). Prior to 
SEM imaging, samples are coated with gold/palladium for 30-60 s (Emitech K575 
Sputter Coater, Emitech Ltd., Ashford Kent, UK). 
The index of refraction of the patterned silk features is characterized using a 
waveguide instrument (Metricon Co., Pennington, NJ) and determined to be n = 1.54. 
The refractive index (n = 1.52) of the glass substrate is also measured.  
To create clean silk fiber interfaces for light to easily couple into, the silk 
waveguides are cleaved after printing, crystallization, and drying by scoring the glass 
substrate with a diamond blade and snapping the glass. After patterning, the glass 
substrate is cleaved on both ends and then mounted vertically on an inverted microscope 
(Figure A.3b). The exposed fiber interface is illuminated by a dark field condenser with 
variable numerical aperture (0.8-0.92). To estimate the optical loss along the waveguide, 
the intensity variation of the scattered light is measured directly above the waveguide 
along the direction of light propagation. The waveguides are mounted on a mechanical 
XYZ flexure stage and He:Ne laser light (λ=633 nm) is focused into the endface of both 
the straight and curved devices, For comparison, optical losses obtained by propagating 
light in, 3 cm x 3 cm silk films (30 μm thick) is also measured in a waveguide instrument 
(Metricon Co., Pennington, NJ). 
A.3.4 Rhodamine 6G-Doped Silk Waveguides. Doped silk waveguides are fabricated 
by adding 4.0 mg rhodamine 6G (Sigma Aldrich Corporation) to 10 g of the dilute 8 wt% 
silk fibroin solution and gently stirring for ~2 h. Note, the rhodamine 6G does not fully 
dissolve into the silk solution. Any undissolved solids are removed prior to dialysis. The 
silk ink is then prepared, printed, and characterized in the same manner described above 
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for the undoped waveguides. Additionally, the doped waveguides are stimulated with 200 
mW of CW laser light from a doubled Nd:YVO4 solid state laser (Verdi V-10, Coherent 
Inc., Santa Clara, CA) operating at a wavelength of 532 nm. Optical images are acquired 
with a digital camera (Canon Rebel XTi, Canon Inc., Tokyo, Japan) fitted with a green 
glass filter (OD>6 @ 532 nm) to eliminate the green scatter from the pump laser.  The 
emission spectrum is measured by placing the tip of a fiber bundle in close proximity to 
the printed waveguide and coupling it into a portable spectrometer (USB2000, Ocean 
Optics, Dunedin, FL). 
 
A.4 RESULTS AND DISCUSSION 
A.4.1  Silk Waveguide Fabrication.  The silk waveguides are printed on borosilicate 
glass slides in both straight and wavy configurations that can extend as long as several 
centimeters. The borosilicate glass substrates are found to have an index of refraction n 
of 1.52, slightly lower than that of silk, which is measured to be n = 1.54 (at 633 
nm).[9,10] The higher refractive index of the silk fibroin is necessary to allow for light 
confinement in a silk waveguide at the substrate interface. Light confinement on the 
remaining sides of the silk waveguides is ensured by the air/silk interface. Note, the 
refractive index of silk also exceeds that of water (n ~ 1.33), indicating that the silk 
waveguides would also fulfill requirements for guiding within a water-based biological 
environment. 
To confine light within the silk waveguide during propagation, there not only 
needs to be the higher index of refraction of the waveguide material compared to the 
surrounding environment, but the waveguide must also have an ideal morphology. In 
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order to realize a good waveguide, the transverse dimensions of the printed line must be 
as uniform as possible, while the walls of the waveguide must remain smooth and free of 
defects to minimize surface scattering and excessive losses. Figure A.4a-b shows a top 
view of the straight and curved silk waveguides along with a cross-sectional view (Figure 
A.4c) of the printed silk filament. The height and width of the waveguide cross-section 
are approximately 5 μm and 5 μm, respectively, in good agreement with the 5 μm nozzle 
size. The highly concentrated (28-30 wt%) silk fibroin ink helps to minimize directional 
shrinkage during drying. There is some deviation from a perfectly circular cross-section, 
because the ink wets and partially spreads on the substrate during the printing process 
before β-sheet crystallization occurs. This phenomenon yields printed silk features that 
possess a slightly trapezoidal, crystallized shape. However, this shape provides a larger 
interface between the waveguide and substrate, improving adhesion. The transverse 
dimensions are consistent throughout the length of the waveguide and there are no 
discontinuities observed. Quantitative analysis of the images indicates a measured 
variation on the transverse dimension of less than 1% for both the straight and curved 
waveguides (Figure A.4a). The importance of silk ink quality is critical in this respect, as 
we have previously reported for silk hydrogel formation.[28] A magnified SEM image of 
the silk waveguide surface is shown in the inset of Figure A.4b. The surface morphology 
is very smooth and displays neither defects nor porosity, which helps to prevent 
scattering during light propagation. The consistent transverse dimensions, lack of 
discontinuities, and smoothness of the silk waveguides all contribute to their facile ability 
to guide light. 
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Figure A.4. Optical images of (a) printed silk waveguide, (b) higher magnification view 
of the curved feature highlighted by the dashed box in (a), and (c) cross-sectional view of 
the printed silk waveguide after cleavage to expose a clean interface for light coupling. 
[Inset (b) depicts an SEM image of the surface morphology of a printed silk waveguide.] 
The flexibility of the direct-write technique enables silk fibroin waveguides to be 
patterned in a variety of geometries.  Even though the silk solution is very fluid-like, the 
rapid transformation of the silk chains to the β-sheet structure upon immersion in a 
methanol-rich reservoir means that it is possible to extrude and solidify a waveguide 
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printed with a larger diameter nozzle.  Figure A.5 depicts an SEM image of a silk 
waveguide printed through a 15 μm nozzle. 
 
Figure A.5. SEM image of silk waveguide printed through a 15 μm nozzle. 
 A.4.2  Silk Waveguide Characterization.  The optical quality of the printed silk 
features is analyzed by propagating light in the 5 μm waveguides, as described above. 
Coupling light into the silk waveguide poses a challenge, because the printing technique 
does not generate an optically accessible fiber end. To remedy this, the substrates are 
etched with a diamond scribe and snapped apart, thereby exposing a smooth surface as 
the stiff, silk waveguides fracture at the crack plane. Using this method, a transverse 
surface on the silk waveguide can be obtained that is suitable for optical coupling. 
Images of 633 nm He:Ne laser light propagating through 1 cm portions of both straight 
and wavy silk waveguides are presented in Figure A.6a-b. It is clear from the images, 
that the light is indeed coupled into a single waveguide, since only one waveguide is 
illuminated in an array of printed silk fibers. Its wavy nature makes it apparent that the 
coupled light is propagating through the silk waveguide and not just in a straight line. By 
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adjusting the position of the condenser, it is possible to optimize coupling of the 
illuminator light inside the silk waveguide and observe that the cleaved end lights up 
when guiding is achieved. This is also shown in Figure A.6c, in which the cross-section 
of a silk waveguide with guided light is presented. This image contrasts greatly with 
Figure A.4c, which shows the cross-section of a silk waveguide in the absence of light 
propagation. 
 
Figure A.6. Optical images of printed (a) straight and (b) wavy silk waveguides guiding 
light from a He:Ne laser source. (c) Transverse image of the output face of a silk 
waveguide when light is guided through the optical fiber. 
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Both straight and wavy silk features guide light, thus loss measurements are 
carried out to measure their optical quality. The measured losses are 0.25 dB/cm and 0.81 
dB/cm for the straight and wavy waveguides, respectively. For comparison, the losses 
obtained by propagating light in 30 μm thick silk fibroin films yield values between 0.25 
and 0.75 dB/cm. The consistency of the values is a good indicator of the quality of the 
printed silk features, which compares favorably to the “optical-grade” silk material in 
film form reported previously.[10]  
The simplicity of this method coupled with the ease of functionalization offered 
by the aqueous silk solution[10] allows for additional degrees of freedom when printing 
waveguides. By doping the silk-based ink with appropriate species, optically activated 
silk fibroin based waveguides can be readily manufactured. To demonstrate this, we print 
a silk waveguide that was doped with rhodamine 6G, a known laser dye that is 
incorporated into the silk fibroin solution prior to printing. The straight doped-
waveguides are characterized similarly to their undoped counterparts and evaluated for 
uniformity and loss. In this case, 532 nm laser light is coupled into the doped silk 
waveguides to match the absorption spectrum of the rhodamine dye. As light is 
propagated into the waveguide, a strong fluorescent emission centered at 555 nm is 
detected. The waveguide uniformly glows yellow from the propagating green light 
(Figure A.7), which can be easily seen when imaged through a green filter (Figure A.8). 
The fluorescent spectrum is measured along the waveguide and is found to be constant 
throughout its length. The losses in a 1 cm segment of this waveguide are estimated to be 
<0.1 dB/cm, which represents the best result to date for these structures.   
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Figure A.7. Image of 1.5 cm rhodamine 6G-doped silk waveguide stimulated with green 
532 nm laser light.   This image is unfiltered and the yellow emission is difficult to see. 
 
Figure A.8. (a) Fluorescence image of 1.5 cm rhodamine 6G-doped silk waveguide 
stimulated with green 532 nm laser light.  The image is filtered at this wavelength, 
allowing the yellow emission from the doped waveguide to be clearly visible. (b) Plot of 
intensity as a function of wavelength from the doped waveguide in (a), which illustrates 
the wavelength of the pump laser and the corresponding fluorescence spectrum centered 
at 555 nm resulting from the emission of the rhodamine 6G-doped silk waveguide. 
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A.5 CONCLUSIONS 
We report a new method for fabricating silk waveguides with controlled structure 
and composition. Through direct-write assembly of a highly concentrated aqueous 
solution of pure silk fibroin protein, we have patterned both pure and doped silk 
waveguides in the form of straight and wavy architectures. The optical properties of these 
waveguides further establish the efficacy of silk fibroin as a high-quality, biocompatible 
optical material. Direct-write assembly of silk optical waveguides can be readily 
extended to a variety of geometries, serving as a starting point for the development of 
biophotonic chips based on traditional slab waveguide designs. Our approach provides a 
facile avenue for creating biocompatible, biodegradable, and biologically functionalized 
optics and optical interfaces as well as designing new biophotonic sensing devices based 
on the interaction with light. Furthermore, the ability to biochemically functionalize or 
incorporate dopants into the silk fibroin ink allows for unconventional photoactivation of 
the waveguides, which is not easily achieved in glass or other inorganic waveguides. Our 
approach provides an enabling platform for the emerging field of biophotonics. 
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